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Pattern Formation By Cells On Curved Surfaces
Abstract
Cells have evolved sophisticated molecular machinery and signaling pathways to sense and respond to
their environment. In particular, membrane receptor interactions with ligands immobilized on structures in
the cells’ milieu allow them to sense the geometry of their surroundings, including the presence of
surfaces or boundaries. In vivo, cells interact with curved surfaces with radii of curvature ranging from the
size of a cell (50-100 microns) to millimeters; examples occur throughout the body in the form of
vasculature, glands, and villi. However, remarkably little is known about cell interaction with non-planar
boundaries; this dissertation probes how surface curvature influences cell alignment, internal
microstructure, and migration. In the first study, mouse embryonic fibroblasts (MEFs) were cultured on
glass cylinders with radii ranging from 40-200 µm. Isolated cells aligned along the axial direction on small
cylinders but not large cylinders. Two distinct populations of actin stress fibers (SFs) aligned along the
principal directions of the cylindrical surface: Long apical SFs spanned the nucleus and aligned along the
axial direction whereas short, basal SFs beneath the nucleus aligned in the circumferential direction on
small cylinders. The second study explored how these SF populations align on surfaces with non-zero
Gaussian curvature. For this study, a sphere-with-skirt (SWS) surface was designed that seamlessly
connects a positive Gaussian curvature spherical cap to a negative Gaussian curvature skirt. On the skirt,
the SF populations again aligned along the principal directions: Apical SFs remained straight by forming
chords over the concave gap and basal SFs bent along the convex direction. MEFs avoided the positive
Gaussian curvature cap and instead migrated around the SWS feature in the azimuthal direction. Finally,
the importance of edges between ligand-presenting and ligand-free domains was studied to discern the
impact on cell alignment and migration. Edges enhanced the migration of isolated MEFs and acted as a
slip boundary for cells in confluent, nematic monolayers. Topological defects emerged in corners where
two edges met. These studies revealed that geometric cues in the form of surface curvature and
bounding edges dictate cell alignment, cytoskeletal organization, and migration.
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ABSTRACT
PATTERN FORMATION BY CELLS ON CURVED SURFACES
Nathan Donald Bade
Kathleen J. Stebe
Richard K. Assoian

Cells have evolved sophisticated molecular machinery and signaling pathways to
sense and respond to their environment. In particular, membrane receptor interactions
with ligands immobilized on structures in the cells’ milieu allow them to sense the
geometry of their surroundings, including the presence of surfaces or boundaries. In vivo,
cells interact with curved surfaces with radii of curvature ranging from the size of a cell
(50-100 microns) to millimeters; examples occur throughout the body in the form of
vasculature, glands, and villi. However, remarkably little is known about cell interaction
with non-planar boundaries; this dissertation probes how surface curvature influences cell
alignment, internal microstructure, and migration. In the first study, mouse embryonic
fibroblasts (MEFs) were cultured on glass cylinders with radii ranging from 40-200 µm.
Isolated cells aligned along the axial direction on small cylinders but not large cylinders.
Two distinct populations of actin stress fibers (SFs) aligned along the principal directions
of the cylindrical surface: Long apical SFs spanned the nucleus and aligned along the
axial direction whereas short, basal SFs beneath the nucleus aligned in the
vi

circumferential direction on small cylinders. The second study explored how these SF
populations align on surfaces with non-zero Gaussian curvature. For this study, a spherewith-skirt (SWS) surface was designed that seamlessly connects a positive Gaussian
curvature spherical cap to a negative Gaussian curvature skirt. On the skirt, the SF
populations again aligned along the principal directions: Apical SFs remained straight by
forming chords over the concave gap and basal SFs bent along the convex direction.
MEFs avoided the positive Gaussian curvature cap and instead migrated around the SWS
feature in the azimuthal direction. Finally, the importance of edges between ligandpresenting and ligand-free domains was studied to discern the impact on cell alignment
and migration. Edges enhanced the migration of isolated MEFs and acted as a slip
boundary for cells in confluent, nematic monolayers. Topological defects emerged in
corners where two edges met. These studies revealed that geometric cues in the form of
surface curvature and bounding edges dictate cell alignment, cytoskeletal organization,
and migration.
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Chapter 1

Introduction

1.1 Motivation
The cells within our tissues are tiny, squishy computers – they use a host of
sensors in the form of transmembrane receptors and intracellular machinery to collect
information about their environment, process and integrate these complex data sets with
highly regulated signaling pathways, and generate a response such as migration, secretion
of proteins, or even cell death. Understanding how cells perform each of these complex
tasks is crucially important because faulty circuitry at any step can lead to the wide range
of diseases that we experience as humans.
Since the first observation of cells by Robert Hooke in 1665 (1) and the
formalization of the first tenets of cell biology by Schwann in 1838 (2), much of the work
in the areas of cell and molecular biology has focused on understanding how cells sense
and respond to soluble extracellular molecules. This focus is well founded:
Understanding how soluble signals influence cell behaviors opens avenues for the
treatment of associated diseases with relatively simple methods, including, for example,
intravenous injection or oral ingestion of related soluble molecules that alter intracellular
signaling pathways.
While soluble signals and associated receptors have served and will continue to
serve as important therapeutic targets, research over the past several decades has revealed
that cells also sense the physical characteristics of their environment. Although some
cells, such as red blood cells, are suspended in liquid medium, most cells are encased in a
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dense meshwork of fibrous proteins called the extracellular matrix (ECM). Using
transmembrane receptors and the intracellular actomyosin machinery, cells can pull on
the fibers to migrate, for example, but can also use these molecular systems to detect the
mechanical properties of the ECM. Cells respond to high ECM stiffness in profound
ways, including by differentiating down specific lineages (3), proliferating more (4), and
altering their migration speed (5, 6). With the discovery that some disease states such as
fibrosis and cancer have associated increases in ECM stiffness, many researchers have
focused on understanding how cells sense and respond to the mechanical properties of
their environment. These studies have led to the development of therapies that target the
ECM and its regulation (7–9).
Membrane-bound receptors interact with ligands immobilized on structures in the
cells’ milieu, allowing cells to sense and respond to physical properties of their
surroundings. These include the spatial arrangement of ligands and therefore information
about the shape and size of the supporting structures themselves. Features on different
length scales can influence cells. For example, cells sense the size and shape of adhesive
islands, typically on the order of nanometers. Cells also sense fibers in the architecture of
the ECM, whose diameters can be as large as tens of microns. These features act as
geometric cues that alter cell behaviors, such as cell shape (10, 11), migration (12, 13),
and the deposition of ECM (14).
This dissertation explores geometric features on the length scale of the cell as
cues that alter cell behavior, focusing in particular on the curvature of bounding surfaces.
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Despite the presence of structures comparable to the cell size in a variety of tissues, these
features have not been widely studied as cues. For example, endothelial and epithelial
sheets generate surfaces with curvature length scales within this range in vascular and
gastrointestinal tissues. Cells also interact with artificial features on this length scale in
the form of implanted biomedical devices. The primary goal of this work is to understand
to what extent cell- or macroscale geometry influences cell behaviors.

1.2 Background
1.2.1

Cellular Sensing of the Physical Environment
To understand how cells respond to geometric cues, we must first understand the

machinery cells possess to sense and explore their environment. Decades of research
have revealed molecular mechanisms involved in cell migration on planar surfaces. More
recent work has highlighted the intracellular systems that allow cells to sense the
mechanical properties, such as the stiffness, of their environment in a process called
mechanotransduction. We initially suspected and have since implicated several of these
environment-sensing molecular systems in geometry sensing. Here, I will elaborate on
the primary systems of interest to facilitate understanding of the results in subsequent
chapters. Although some cells sense physical characteristics such as fluid shear stress and
hydrostatic pressure via adhesion-independent mechanisms, I will focus on the cellular
mechanosensory systems that utilize interactions between transmembrane receptors and
immobilized ligands to transduce information about the environment to the cell.
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1.2.1.1 The Actin Cytoskeleton
Cells are much more than static soft computers that take in extracellular signals
and output secreted proteins: They also possess highly regulated machinery that allows
them to physically interact with and restructure their surroundings. A critical component
of this machinery is collectively called the cytoskeleton. This “cell skeleton” provides the
cell with many of the functions that our skeletons provide us as humans. For example, the
cytoskeleton is the source of anisotropic cell shape, enables traction force generation, and
provides the ability to migrate. The primary components of the cytoskeleton are
polymeric, filamentous proteins and motor proteins that generate force on these
filaments. Three types of filaments comprise the cytoskeleton: actin microfilaments,
intermediate filaments, and microtubules (in increasing diameter). Actin is the focus of
this work because it plays important roles in many cell-ECM interactions and is the
primary source of force generation in mesenchymal cells.
Actin exists in its monomeric form, called globular or G-actin, within the
cytoplasm and nuclei. G-actin is polymerized into its filamentous form, called F-actin.
These polarized, helical filaments have a diameter of ~7 nm and a contour length of ~20
µm (15, 16). Actin is polymerized in a cation-dependent manner that is highly dynamic.
On its own, the polymerization process is complex because the rates of addition of Gactin monomers to each end are different by an order of magnitude (12 µM-1s-1 at the (+)
end and 1.3 µM-1s-1 at the (-) end) (17). Within cells, though, polymerization is highly
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regulated by numerous proteins. For example, capping proteins such as CapZ and
tropomodulin alter polymerization dynamics by binding to the ends of filaments (17).
Other regulators within cells organize actin into higher order structures that play
roles in important cell behaviors ranging from migration to cytokinesis. Three members
of the Rho family of GTPases (Rac, Cdc42, and Rho) regulate the assembly of F-actin
into various structures. These membrane-bound small G proteins are inactive when GDP
is bound and become active signaling molecules when GTP is bound (Figure 1.1).
Guanine nucleotide exchange factors (GEFs) facilitate the exchange of GDP for GTP,
thus moving these GTPases into their active state. Other regulators called GTPaseactivating proteins (GAPs) increase the rate of GTP hydrolysis, thereby pushing the
GTPases into their inactive state. Guanine nucleotide exchange inhibitors (GDIs) can also
regulate GTPase signaling by removing these molecules from the plasma membrane.

Figure 1.1 Regulation of the Rho family of GTPases by GEFs, GAPs, and GDIs. Reprinted with
permission from Springer Nature (18).

Each of the three main members of the Rho family of GTPases regulates the
formation of distinct higher order actin structures. Rac leads to the formation of highly
branched networks of F-actin by activating Arp2/3 (Figure 1.2). See the discussion below
for more details on the role of branched networks in migration. Cdc42 is associated with
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the formation of finger-like protrusions called filopodia (Figure 1.2). These protrusions
consist of parallel bundles of F-actin that are important for the directional persistence of
cell migration (19). Although Cdc42 is traditionally associated with filopodia, recent
findings have shown that it can also lead to the formation of branched networks by
activating Arp2/3 via N-WASP (19). The lamellipodia formed by cells migrating in
three-dimensional gels depend on this N-WASP signaling, implicating regulators beyond
Rac in important lamellipodial protrusion dynamics.

Figure 1.2 Rho GTPases regulate distinct actin structures within cells. All cells shown are serumstarved Swiss 3T3 mouse fibroblasts. Panels A, C, E, and G reveal F-actin via phalloidin staining. Panels B,
D, F, and H show focal adhesions visualized by vinculin immunofluorescence. Untreated cells have few
distinct actin structures (A) and hardly any focal adhesions (B). Upon addition of lysophosphatidic acid, a
growth factor that activates Rho, many thick SFs form and span the length of the cell (C). Large punctae
indicate the presence of mature focal adhesions at the cell periphery (D). Upon injection of constitutively
active Rac, lamellipodia consisting of dense, branched networks of F-actin form at the cell periphery (E).
Focal adhesions or complexes are also visible at the periphery (F). To activate Cdc42, a GEF called FGD1
was microinjected. Activation of Cdc42 led to the formation of filopodial spikes (G) that were associated
with long focal adhesions (H). From (20).
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Rho is another member of the Rho family of GTPases that is responsible for
forming contractile bundles of F-actin. Rho activates Rho kinase (ROCK), which plays
important roles in stabilizing actin filaments (by activating cofilin) and activating motor
proteins called myosins (specifically, ROCK phosphorylates and activates myosin light
chain, MLC) (Figure 1.3). Activation of Rho leads to the formation of thick bundles of Factin called stress fibers (SFs) (Figure 1.2C,D). These bundles consist of 10-30 F-actin
filaments that are cross-linked by various proteins including α-actinin, filamin, and fascin
(21) (Figure 1.4A). Unlike in filopodia, F-actin filaments in SFs are oriented in both
directions along the bundle. Myosin II forms bundles that are interspersed within SFs.
Because the actin filaments are oriented anti-parallel, the motors within these myosin
bundles can contract the SF (22). This is one of the cell’s primary means of applying
force to its surroundings; SFs apply significant traction stresses that allow for
translocation of the cell body.

Figure 1.3 Rho/ROCK pathway. Activation of ROCK by Rho increases contractility by activating MLC
and stabilizes actin filaments via cofilin. Adapted with permission from (23).

7

Various subclasses of SFs are formed within cells cultured on 2D surfaces (Figure
1.4B,C). Dorsal SFs connect to the extracellular space through focal adhesions (FAs;
discussed in detail below) near the leading lamellipodium and are oriented along the long
axis of the cell. These SFs do not contain myosin II and are thus not contractile (21).
Transverse arcs are oriented orthogonally to dorsal SFs (i.e., in the directional parallel to
the leading lamellipodium). They are not connected to FAs but do contain myosin II.
Ventral SFs are connected to FAs at both ends and are highly contractile. The large
contractile forces applied by cells are often attributed to these SFs. Ventral SFs are
typically pointed along the cell’s long axis and are important for translocation of the cell
body and retraction of the cell’s trailing edge. Although ventral SFs were traditionally
thought to sit at the basal surface of the cell, recent evidence suggests a separate
population of ventral SFs spans over the nucleus (24, 25). These SFs form what is
referred to as the actin cap (24). We refer to this population of SFs as “apical SFs” and
the population of ventral SFs that sit at the bottom of the cell “basal SFs” to make their
spatial position clear. These two distinct subpopulations of ventral SFs have only recently
become appreciated, but we find that they are regulated very differently by curvature and
Rho activation.
1.2.1.2 Cell Migration
The actin cytoskeleton is required for a number of critical cell functions,
including cell division (26), intracellular transport (27), and contraction of muscle cells
(28). It is also required for cell motility, or the ability of cells to migrate. Numerous
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regulators pattern actin filaments into distinct structures in a highly dynamic fashion that
allows the cell to move. This process is critically important to this dissertation: Cells
experience geometric cues by migrating around and exploring their environment. This
section will elaborate on the molecular mechanisms involved in the migration of a
mesenchymal cell on a two-dimensional substrate.

A

Stress Fiber

B

C
Leading edge
Dorsal

Transverse arc

Ventral

Trailing edge

Direction of
cell migration

Figure 1.4 Organization of SFs. (A) Schematic of SF architecture. Anti-parallel F-actin microfilaments
are crosslinked by α-actinin. Myosin II minifilaments contract the fiber. Modified from (29). (B) Diagram
of the SFs within a migrating mesenchymal cell. Dorsal (blue) and ventral (orange) SFs are connected to
FAs (white). Transverse arcs (chartreuse) are not connected to FAs and align parallel to the leading edge.
(C) SFs (green) are labeled according to the color scheme in B in a human osteosarcoma (U2OS) cell and a
fibroblast. Vinculin staining shows focal adhesions (gray). B and C are modified from (30).

To explore its surroundings, cells establish dorsal-ventral polarity with a broad
leading edge on the opposite side of the cell from the trailing edge (Figure 1.4B,C). In
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order to move forward, the cell must advance its plasma membrane at the leading edge.
Forward movement of the plasma membrane is driven by polymerization of actin in a
broad, sheet-like structure called the lamellipodium (Figure 1.5). In the lamellipodium,
actin is organized into a network of branched filaments. The formation of this branched
network is regulated by two primary classes of proteins: those that nucleate actin
polymerization and those that elongate existing filaments (31). Arp2/3 is the primary
nucleator of polymerization in lamellipodia. It attaches to existing filaments and
nucleates the polymerization of new filaments, generating a branched pattern of
organization. Elongation of filaments is regulated by capping proteins, which halt
polymerization, and elongators, which enhance elongation speeds and prevent the
attachment of capping proteins (31). Examples of capping proteins include CapZ and
tropomodulin (17). Elongators include formins and ENA/VASP.
The polymerizing actin network within a lamellipodium undergoes retrograde
flow; that is, the branched mass moves away from the membrane at the leading edge
toward the rear of the cell. This rearward movement of the network is driven by two
factors: (1) Polymerizing actin filaments at the leading edge push against the membrane,
forcing the network backward, and (2) myosin-driven pulling of the network from the
rear of the lamellipodium (32, 33); this topic is thoroughly reviewed in (31). In order for
the cell to explore its immediate environment, it must utilize the polymerization of this
branched network to push the plasma membrane forward. The rearward movement of the
branched actin network due to polymerization and contraction is partially counteracted by
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the formation of transmembrane links between actin and the extracellular matrix.
Although the network has a net rearward movement, a sufficient number of actin-ECM
anchors are made to allow the polymerizing actin to push the membrane forward. (31, 34,
35). Despite the net retrograde flow of the network within the lamellipodium, the leading
edge typically advances at a rate of several micrometers per minute (36–38).
B

A

C

Figure 1.5 The lamellipodium is made up of a branched network of actin. (A) Electron micrograph of
melanoma B16F1 cell at low magnification. Yellow dashed line encompasses the lamellipodium. Scale bar:
10 µm. (B) Higher magnification image of region boxed in red in A. A dense, branched network of actin
filaments is visible within the lamellipodium. The arrow points out a filopodium. Scale bar: 0.5 µm. (C)
Higher magnification image of the region boxed in cyan in B. Adapted with permission from (39).

Connections between the actin cytoskeleton and the ECM are crucial for many
migration processes. The first cell-ECM contacts to form, called nascent adhesions,
appear near the leading edge of the cell (40). These nascent adhesions contain integrins,
11

the transmembrane proteins that connect the cell to the ECM, and adaptor proteins such
as phosphorylated FAK and phosphorylated paxillin that connect integrins to actin
filaments in the lamellipodium (40–43). The branched actin network braces against these
small (~100 nm (36, 40, 44, 45)), fleeting adhesions in order to push the membrane
forward.
By the time the polymerizing actin network passes over these nascent adhesions,
only a small fraction of them remain intact. These remaining adhesions, called focal
complexes, are present at the rear of the lamellipodium. A small amount of force is
applied to the nascent adhesions in the lamellipodium by the retrograde flow of the actin
network (46, 47), and this force appears to be crucial for the maturation of nascent
adhesions into focal complexes (36, 40). At this location (a few micrometers inward from
the leading edge), the lamellipodium, which consists of an ARP2/3-regulated branched
actin network, becomes the lamella, which has a tenfold lower actin density, lacks
ARP2/3, and contains the contractile motors myosin IIA and tropomyosin (37, 48).
As the cell’s lamellipodium continues advancing, the surviving focal complexes
mature. Additional scaffolding proteins are recruited and the adhesion increases in size,
ultimately becoming what is known as a focal adhesion (FA) (Figures 1.4 and 1.6). The
presence of certain proteins, including zyxin, phosphorylation states, and dynamics are
different in mature FAs compared to immature focal complexes (43, 49–51). Mature FAs
are found at the ends of SFs, which are cross-linked bundles of F-actin. These bundles
contain myosin motors that contract the fibers and apply force on the attached FAs. Much
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like the maturation of nascent adhesions into focal complexes is dependent on the
application of force to the adhesion, the maturation of a focal complex into an FA is also
dependent on the continued application of force, in this case from SFs (40).
A

B

Figure 1.6 FA structure and organization. (A) Immunofluorescence staining of vinculin (green), a
component of mature FAs, in a REF52 fibroblast. F-actin (red) and the nucleus (blue) are also labeled. The
bright red lines are SFs. Reproduced with permission from (52). (B) Architecture of a mature focal
adhesion. The spatial relationships of each component, including an attached SF, were determined using
super-resolution fluorescence microscopy. Adapted with permission from (53).

SFs attached to FAs near the lamellipodium pull the cell body toward the
lamellipodium in a myosin II-dependent manner. Once the cell body has passed over
stationary FAs, other SFs pull on these FAs toward the new cell center, releasing the
ECM contact and allowing the rear of the cell to retract and follow the body (54). Ventral
SFs are the subtype primarily responsible for retraction of the trailing edge, the final step
of migration that allows the cell body to move forward as a whole.
The three main steps of migration – advancement of the leading edge,
establishment of contacts with the ECM, and retraction of the trailing edge – all occur
simultaneously while a cell is migrating. Using these three steps, many cell types,
including fibroblasts, undergo “random” migration; the migration pattern is not truly
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random in a thermal sense, but this term is used to describe a migration pattern lacking a
long-range directional preference. Perinuclear actin cap SFs play an important role in this
migration pattern. When perinuclear actin cap SFs are present, the cell migrates
persistently in the direction in which those SFs are oriented. Actin cap SFs eventually
disassemble and the cell slows down. Without the actin cap, the nucleus is able to rotate.
When the actin cap SFs reassemble, the cell migrates in a new direction (55). Thus, SF
alignment plays an important role in migration and, in MEFs, establishes a pattern if
migration that is perhaps closer to a Levy walk than a true random walk.
Directed migration is critical for various processes in vivo (56). For example,
immune cells must migrate to a site of infection or inflammation in order to efficiently
mount an immune response. Numerous external factors can enhance the directionality of
migration. Gradients in the concentration of soluble molecules, ECM stiffness, and the
availability of adhesive ligands, for example, all direct cell migration in processes called
chemotaxis, durotaxis, and haptotaxis (56, 57). Topographical cues presented by the
ECM can also guide migration (56). These external factors typically enhance migration
directionality by stabilizing adhesions that maintain the direction of the leading edge (56,
58, 59). The topography of the ECM, for example, can guide migration by restricting the
orientation and organization of adhesions that a cell can make (56). Details about the
influence of topographical cues on cytoskeletal and adhesion organization are discussed
in Chapter 1.2.3.
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Understanding how cells regulate their actin cytoskeletons and adhesions in the
highly coordinated process of migration is crucial for exploring how cells sense and
respond to macroscale geometric cues. Cells explore the geometry of their surroundings
by migrating on surfaces and through ECMs. As we will see in Chapter 1.2.3, geometry
is a profound cue that not only guides the organization of the cytoskeleton and adhesions,
but also directs migration.
1.2.2

Tissue Geometry In Vivo
The complexity of cellular organization within the human body is breath taking.

Our bodies contain more than 200 different types of cells and a total of over 37 trillion
cells (60, 61). Each of these cells is a squishy chemical computer with the ability to
integrate signals and generate outputs, but clumping these trillions of computers together
randomly would not be sufficient to generate a fraction of the complexity or coordinated
function that we take for granted in our tissues. In this scenario, cells would be unable to
receive nutrients, expel waste, and coordinate signals over long distances, for example.
An additional element that enables these crucial functions is the spatial organization of
cells.
From the earliest stages of development, cells are organized into distinct
structures that impart functionality beyond what cells could achieve if simply embedded
randomly in an extracellular matrix (ECM). For example, intestinal epithelial cells are
organized into highly curved villi structures (Figure 1.7). These curved surfaces
massively increase the surface area of the intestines: Various calculations have suggested
the actual surface area of the small intestines is anywhere from 30 to 300 square meters
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(62). This large surface area significantly increases the ability of the tissue to absorb
ingested nutrients. The vasculature is another example of a tissue whose spatial
organization imparts valuable function. Near the heart, vessels are large in diameter to
facilitate the efficient transport of large volumes of blood to distal tissues. Far from the
heart, vessels are organized into many small-diameter capillaries. These capillaries have
large total surface area that facilitates the delivery of nutrients and collection of waste to
and from tissues such as the villi of the intestines described earlier (Figure 1.7).

Monolayer of
epithelial cells

Capillaries

Blood vessels

Figure 1.7 Intestinal villi. The capillary network and associated blood vessels are revealed in cross
section. Adapted from (63).

Detailed study of cellular structure and function within these native tissues is
extremely challenging. Most tissues are opaque, limiting the utility of microscopic
techniques. Physical dissection disrupts tissue structure and alters cell behaviors. To
study the biology of cells in detail, researchers at the beginning of the 20th century
developed methodologies for culturing cells in the laboratory. Alexis Carrel, among
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others, developed methods for in vitro cell culture that paved the way for modern cell
culture (~1911) (64). Tissue fragments were placed on coverslips and cells migrated out
of these tissues and onto the substrate. These cells could be split and re-plated several
times, enabling a whole new field of study into the molecular mechanisms of cell
function. These methods are extremely valuable for studying cell and molecular biology.
For example, these cell culture systems are significantly easier to manipulate and manage
compared to whole tissues or organisms; the basic requirements are simply a culture dish,
appropriate nutrients supplied in liquid medium, and an incubator. Additionally, cells can
be studied easily with a microscope since the cells are very thin (on the order of microns
thick) and light passes through them easily. The nucleic acid and protein content of
cultured cells can also be manipulated easily using common molecular biology
techniques including transfection, infection, and microinjection.
To this day, cells are cultured on glass coverslips and tissue culture plastic for cell
and molecular biology studies. These methods have had very profound impacts on our
understanding of cellular structure and function, but it is obvious that cells do not interact
with such rigid, planar surfaces in their native tissue environment. For example, we saw
in the previous section that cells can sense the stiffness of their environment and respond
very differently to rigid tissue culture substrates than to physiologically-stiff materials
(3). Another important difference between tissue culture substrates and in vivo
environments is dimensionality: In vivo, many cells are encased in a three-dimensional
(3D) matrix of fibrous proteins.
17

An extensive amount of work over recent decades has shown that cells behave
very differently when encased in 3D hydrogel biomaterial ECM mimics compared to on
coverslips. Seminal work from the Bissel lab demonstrated this concept clearly (65). In
this study, normal breast epithelial cells cultured on planar tissue culture dishes
proliferated continuously like tumor cells. When these same cells were cultured within a
3D matrix, they exhibited hallmarks of normal, healthy tissue: They formed acinar
structures with hollow lumens, halted proliferation once acini were formed, and deposited
their own ECM components, forming a basement membrane. Thus, 2D culture
dramatically shifted the phenotype of these epithelial cells away from the normal
phenotype observed in vivo and in the 3D in vitro experiments.
In addition to dimensionality, other geometric details of these ECMs can
influence cell behaviors. ECMs are networks of fibrous proteins such as collagen,
fibronectin (FN), and elastin. These proteins are organized at various different length
scales (Table 1). Collagen, for example, is assembled first by the winding of three
polypeptides into tropocollagen units that are roughly 1.5 nm in diameter and 300 nm
long (66). These tropocollagen units are then organized into a higher order polymeric
structure called a collagen fibril. Fibrils are thin (roughly 10-300 nm in diameter), but can
be very long (up to hundreds of µm) (67). These fibrils can then be organized into an
even higher order structure called collagen fibers. Fibers form cords or tapes with
diameter or width length scales on the order of 1-20 µm (66) that are woven throughout
many tissues. Work over the past two decades has revealed that geometric cues on the
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order of nanometers and microns, like those experienced by cells that interact with these
fibrous proteins, can influence a number of important cell behaviors. These effects are
detailed in the subsequent section of this document.
Table 1: Geometric features at various length scales in vivo
Length Scale
Regime
Nano

Micro

Macro

Examples

Measured Size

References

Tropocollagen, triple helix unit
Collagen fibril
Elastin fibrils
Roughness of dental implants
Collagen fibers
Capillaries
Arterioles
Eccrine sweat gland – duct
Eccrine sweat gland – secretory tubule
Struts (wires) of steel cardiovascular
stents
Lung alveolus
Mouse jejunum villus
Small arteries
Human small intestine villus

1.5 nm diam., 300 nm long
30-100 nm diam.
100-200 nm thick
1-15 µm
1-20 µm wide
~6 µm diam.
~30 µm diam.
50-80 µm diam.
60-120 µm diam.

(66)
(66, 68)
(66)
(69, 70)
(66)
(71)
(71)
(72)
(72)

125-200 µm diam.

(73)

200-300 µm diam.
405 ± 7.64 µm long
500 µm
0.5-1.0 mm long
2.0 ± 0.8 mm diam.
(lactating woman)
~2.2 cm diam.
~2.8 cm diam.

(74)
(75)
(71)
(76)

Milk ducts
Aorta
Vena cava

(77)
(71)
(71)

These nano- and micrometric features are the primary geometric cues experienced
by many cells encased in 3D matrices, but other cell types interact with or form structures
with larger length scales. Endothelial and epithelial cells form surfaces in the body that
have curvature length scales up to centimeters in size. These cells form barriers between
the interstitial space that is made up of cells encased in ECM and a fluid.
Endothelial cells are the crucial surface cells in the vasculature. They form a
barrier between the interstitial space and flowing blood. These cells are exposed to blood
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on their apical surface and an ECM called the basement membrane on their basal surface.
The smallest vessels, which can have radii as small as 3 µm (71), consist entirely of
endothelial cells and their basement membrane. Larger vessels incorporate additional
layers of both ECM and cells (Figure 1.8). Beyond the basement membrane of the
endothelium is an ECM layer composed mostly of collagen and elastin. This ECM layer
combined with the endothelium is called the intima. The subsequent layer, called the
media, consists of vascular smooth muscle cells (VSMCs) sandwiched between two thin
layers of elastin. In addition to sensing the microscale cues presented by the elastin fibers
within the elastic laminae, VSMCs also sense the macroscale curvature created by the
endothelium. For this reason, we have studied VSMCs and their ability to sense
macroscale curvature cues.
Whereas endothelial cells form a monolayer within the intima, VSMCs in large
vessels often form layers that are several cells thick. These cells are highly elongated and
co-align with each other within each layer. They are typically aligned in the
circumferential direction around cylindrical vessels or in a helical direction with a pitch
of 20-40˚, but the pitch angle varies from layer to layer in some vessels (78) (Figure 1.9).
Adventitial fibroblasts, the third major cell type within vessels, occupy the outermost
layer. These cells secrete growth factors that are important for maintaining normal
vascular function and also deposit and organize the matrix within the adventitia.
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A

B

Figure 1.8 Blood vessel anatomy. (A) Diagram of the three main layers of a blood vessel. Black arrows
indicate the region in which blood flows through the lumen. (B) Exploded view of diagram in A. Adapted
from (79).

The curvature sensing capabilities of all three of these cell types (endothelial
cells, VSMCs, and fibroblasts) have been discussed in this dissertation, but VSMCs and
fibroblasts have been the primary cell types of interest. These latter cell types experience
the macroscale-curved surface that is the vessel; in this context, endothelial cells are that
surface. Instead of experiencing the cylindrical geometry of a straight vessel, for
example, the endothelial cells form the cylinder. This perspective is most valid in an
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instance where VSMCs are recruited to an existing, macroscale endothelium. In this case,
the macroscale curvature field could be viewed as a geometric cue for these cells. The
vessel maturation process is complex, though, and this sequence of events is perhaps
unlikely. Many new vessels are formed by angiogenesis, which is the process by which a
new vessel is formed from an existing one. During angiogenesis, an endothelial cell
migrates through the basement membrane into the interstitial space. This cell, called the
tip cell, continues migrating away from the existing vessel as additional endothelial cells
follow and form a stalk. Once the vessel is sufficiently long and enough endothelial cells
are incorporated into the new stalk, a lumen forms and blood can enter (80). The vessel
then matures by recruiting perivascular cells, including pericytes and VSMCs (81, 82).
The vessel size and geometry at the time of VSMC recruitment is unclear – VSMCs may
experience a range of curvature magnitudes when recruited to maturing vessels.

B

Cylinder Axis

A

50 µm

Figure 1.9 VSMC alignment in blood vessels. (A) Rhodamine-phalloidin staining showing the
circumferential orientation of F-actin in an en face rat abdominal aorta. Adapted from (83) with permission
from ASME. (B) Diagram of the helical wrapping of VSMCs in some muscular arteries as described in
(78). The VSMCs within each layer are co-aligned and are oriented at an angle with respect to the cylinder
axis. In some vessels, the pitch angle of the cells varies between layers. Reproduced with permission from
(84).
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Epithelial cells are the other main type of surface-forming cells. They form most
of the other surfaces within the body, including the skin, the lining of mammary glands,
and the alveolae of the lungs. These cells form the interface between the interstitial space
and various fluids such as sweat, milk, and air. Much like the VSMCs in vessels, there
are cells that interact with curved epithelial surfaces called myoepithelial cells. These
cells wrap around glands and are responsible for contracting and ejecting the liquid (e.g.,
sweat or milk) from the gland (85, 86). Although not the focus of this dissertation, the
curvature sensing abilities of myoepithelial cells is an open and interesting topic.
The cells mentioned above experience not only a wide range of magnitudes of
curvature, but also types of curvature. The curvature at any point along a curve is given
by
κ=

1
,
Rc

where Rc is the radius of the osculating circle at that point (Figure 1.10). This radius is
called the radius of curvature and is the curvature length scale.

Rc
Figure 1.10 Contour curvature. Osculating circle (light blue) at the point of interest (red dot) along a
curve (dark blue).

The curvature at any point along a surface is characterized by the principal
curvatures of the surface at that point. The principal curvatures are the maximum and
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minimum curvatures of surface contours that pass through the point. Surfaces are
characterized by various different kinds of curvature, including mean curvature,
H=

κ1 + κ 2
2

,

where κ1 and κ2 are the two principal curvatures. Of particular interest in this dissertation
is another type of curvature called Gaussian curvature, which is given by
K = κ1κ 2 .

The sign of the Gaussian curvature describes the general shape of the surface
(Figure 1.11). Surfaces with zero Gaussian curvature are cylinder-like. One of the
principal curvatures is equal to zero (i.e., one contour along the surface is a straight line)
and thus the Gaussian curvature, which is the product of the two principal curvatures, is
also equal to zero. Surfaces with negative Gaussian curvature are saddle-like. The two
principal curvatures curve in opposite directions and thus have opposite signs. Surfaces
with non-zero principal curvatures that point in the same direction have positive Gaussian
curvature and are bowl-like.
Cells in the tissues described above experience all three of these types of surfaces
(Figure 1.11). VSMCs experience zero Gaussian curvature surfaces in straight,
cylindrical portions of blood vessels. In addition to being formed naturally, curvature
cues are also introduced in the form of implanted biomedical devices. For example,
endothelial cells experience zero Gaussian curvature surfaces in the form of cylindrical
steel struts in cardiovascular stents (73). VSMCs also experience negative Gaussian
curvature where one blood vessel branches from another. Myoepithelial cells interact
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with gland structures that have positive Gaussian curvature. Understanding if and how
cells sense and respond to surfaces with different Gaussian curvature is a primary focus
of this dissertation.
Gaussian
curvature:

Zero

Negative

Positive

Epithelial
cells

Branched blood vessel

Gland

Figure 1.11 Surfaces with various Gaussian curvatures. Top: representative cylindrical, saddle, and
bowl/spherical surfaces with zero, negative, and positive Gaussian curvature, respectively. Bottom: Tissues
exhibiting each of these kinds of Gaussian curvature. Cylindrical blood vessels have zero Gaussian
curvature (blue). Negative Gaussian curvature exists where one blood vessel branches from another
(green). Glands have positive Gaussian curvature (cyan). The two solid lines in each region represent the
principal contours of the surface along the principal directions.

In order to study the details of cell function in the laboratory, we have torn apart
these highly organized structures in native tissue and extracted the cells for culture on flat
dishes. Although the cell culture systems introduced at the beginning of the 20th century
have enabled much of our current understanding of cell biology, we are now beginning to
appreciate the importance of the physical characteristics of the tissues from which cells
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were extracted, including stiffness and geometry, on a large number of important cell
behaviors. With a suite of tools for microfabrication and new methods for imaging cells
in complex 3D environments, we are now able to reconstruct some of the geometric
elements present within tissues and carefully study how cells sense and respond to the
geometry of their environment. In the next section, I will discuss in more detail what is
currently known about the effects of geometry on cell behaviors.
1.2.3

Geometry as a Physical Stimulus for Cells
As discussed in the previous section, our bodies are full of beautiful geometric

features with which cells interact. We also learned in Chapter 1.2.1 that cells possess
cytoskeletal and adhesion systems that allow them to sense and interact with their
physical environment. In addition to sensing substrate and tissue stiffness, can cells detect
the complex geometries that they experience in vivo? Researchers have utilized the cell
culture systems discussed in Chapter 1.2.2 in combination with microfabrication methods
to systematically study the influence of geometric features ranging from boundaries on
planar surfaces to fibrous architectures and non-zero Gaussian curvature fields. In this
section, I will review what is known about how cells sense and respond to nano- and
microscale geometric cues as a preface to our work exploring the influence of larger,
macroscale geometries on cell alignment, cytoskeletal organization, and migration.
Researchers have been interested in understanding how geometry impacts cell
behavior for over one hundred years. In 1912, only one year after Alexis Carrel and
others developed and introduced methods for in vitro cell culture, Ross Harrison revealed
that cells respond to the anisotropy of their local environment (87). By culturing frog
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embryo cells on spider webs, Harrison showed that the linear, anisotropic nature of the
spider web influenced the morphology and directed the migration of cells compared to
cells cultured on cover glass. Paul Weiss confirmed these results in 1945 by observing
the alignment and migration of Schwann cells and nerve fibers along various fibrous
materials (88). He coined this phenomenon “contact guidance,” a phrase that is still used
today to indicate the ability of cells to sense and respond to substrate anisotropy (89).
A large amount of work has gone into studying contact guidance using
microgrooved substrates. These studies have been discussed in detail by Tamiello et al.
(89), but I will briefly touch on the main points here. When cultured on micron-scale,
rectangular grooves, many different cell types, including fibroblasts and smooth muscle
cells, align along the direction of the grooves. It became apparent that the sharp corners
of these grooves have important impacts on cellular responses and the cell alignment may
be affected by more than just the anisotropy of the grooved surface (90).
To eliminate this issue and focus on anisotropy in the simplest sense,
microcontact methods have been developed (91). These methods involve using
photolithography developed for the microelectronics industry and soft lithography
techniques to create micron-scale stamps. These stamps are then used to transfer
extracellular matrix proteins to a planar substrate. By blocking the surrounding regions
on the substrate, cells seeded on these substrates are confined to protein islands. Using
these approaches, sharp corners are eliminated while geometry is controlled precisely.
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Interestingly, cells cultured on microcontact-printed stripes also align strongly in the
stripe direction (92, 93), showing that sharp corners are not required for contact guidance.
In addition to its use in studying contact guidance, microcontact printing and
related micropatterning methods have been used extensively to understand the role of
confinement on cell behaviors. We saw in Chapter 1.2.2 that confinement within a threedimensional gel had profound impacts on the organization of epithelial cells into normal
acinar structures (65). Soon after this idea was presented, researchers found that
confinement on a two-dimensional surface also had major effects on cell behaviors. For
example, researchers revealed that geometric confinement had a striking impact on cell
proliferation and death (94).
These findings opened a new field for exploration. Since the tools to manufacture
precise geometries on two-dimensional surfaces were relatively well established, many
researchers began systematically studying the influence of cell-scale geometric cues and
confinement on a large range of important cell behaviors. These studies are reviewed
extensively elsewhere (11), but I will mention a few of the key findings that are relevant
to this study. One of the most interesting findings is that the shape of cell-size
micropatterned islands influences the organization of the actin cytoskeleton within an
adhered cell. For example, cells cultured on V-shaped islands form SFs along the
periphery of the shape, but also form SFs that span across the non-adhesive gap. When
cultured on a complete triangle of the same size as the V-shaped island, cells form
peripheral SFs, but do not form prominent ones in the middle (95).
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The geometric control of actin cytoskeleton organization has important
implications on a number of important actin-dependent cell behaviors. For example, cell
polarity can be controlled by island shape. SFs tend to form where the adhesive island has
concave curvature, and lamelliopodia-like structures form where the island has convex
curvature (96). By culturing cells on a crossbow-shaped pattern, the morphology of a
migrating, cone-shaped cell could be reproducibly generated (97). Interestingly, cells
cultured on these crossbow shapes automatically generated the polarized actin and
microtubule organizations that are observed in polarized, migrating cells that are
unconfined. For example, they formed a lamellipodium at the broad, convex end and SFs
along the sides and ventral portion of the cell. Thus, geometry influences organization of
the actin cytoskeleton in a manner that influences cell polarization. Pattern shape also
affects other critical, cytoskeleton-dependent cell behaviors, including cell division (98)
and differentiation (see Figure 4 of (99)).
Over time, advances in patterning technology have enabled the creation of
increasingly smaller features. Since cells interact with sub-micron-scale objects in vivo in
the form of fibrous proteins, many researchers have aimed to understand how nanoscale
features affect cell behaviors. Using nanopatterning techniques, scientists showed that
some cells can respond to features that are as shallow as 11 nm in height (10). These
features are even smaller than the collagen fibrils that many cells experience in vivo (30100 nm) (66). Another group studied integrin clustering by evenly spacing gold
nanoparticles on a flat surface. By functionalizing each nanoparticle with enough ligand
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for binding of a single integrin, they found that integrins must be within ~60 nm of each
other for normal adhesions to form and integrin signaling to occur (100). Additionally,
cells are able to detect a change in the spacing between integrin molecules of roughly 1
nm occurring over the length of a typical cell (12, 101). Thus, cells are extremely
sensitive to nanoscale features and these features can influence cell adhesion as well as
spreading, cell alignment, cytoskeletal organization, and migration (12, 13).
Other membrane-bound proteins have the ability to sense nanoscale curvature
within the membrane and have been implicated in cellular responses to the precise shape
of sub-micron curvature fields (102). Some membrane proteins use BAR domains (Bin,
amphiphysin, Rvs) to interact with and create concave membrane curvature (102). These
BAR domains can interact with small GTPases, including Rac. When a cell interacts with
a protruding, convex nanoscopic feature such as a hemispherical bump, the plasma
membrane adopts a concave curvature over the bump and may release Rac, leading to its
activation and localized alteration in actin cytoskeleton organization and adhesion. Other
proteins, including some ion channels, respond to convex membrane curvature. It is
thought that the different tensions within each of the two plasma membrane leaflets can
open some ion channels when the membrane has convex curvature (102). A portion of a
cell membrane may adopt this type of curvature when it interacts with nanoscale pits
instead of nanoscale bumps. Thus, cells not only have the ability to detect the presence or
absence of features as small as 11 nm, but can also detect the type of curvature at that
length scale using curvature-sensitive proteins associated with the plasma membrane.
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It is apparent that cells can sense curvature with length scales on the order of tens
of nanometers, but can they sense the curvature fields that we saw in Chapter 1.2.2 in the
vasculature or intestines, for example, that have length scales 1,000-100,000 times
larger? The studies described so far that have shown cellular responses to geometric cues
on the order of tens of microns have been on flat, patterned surfaces. Some of these
studies explore how changes in curvature within the plane of the substrate influence
cytoskeletal organization, for example, but very few surfaces in the body are truly flat
like a glass surface in the lab. As mentioned earlier, one of the primary focuses of this
work is to understand how cells sense and respond to out-of-plane curvature on these
larger length scales.
A handful of studies with similar aims have been published since the mid-1970s.
In one of the earliest seminal works, Dunn and Heath cultured chick heart fibroblasts on
glass fibers with radii ranging from roughly 40 to 170 µm (90). They observed an effect
of fiber radius on cell alignment similar to the contact guidance observed previously: on
the small cylinders, the nuclei of these cells aligned along the axial direction.
Interestingly, this alignment pattern was lost as the radius increased, suggesting that
nuclear alignment was dependent on curvature. Cells were also cultured on prisms with
various ridge angles. Fibroblasts were unable to migrate over a ridge if its angle was > 8˚.
One cell that happened to land on top of a steep ridge showed discontinuity between its
actin microfilaments on each side of the sharp ridge. Based on their findings, Dunn and
Heath proposed a new hypothesis for curvature alignment: the locomotory elements of
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the cell (i.e., the actin bundles) are unable to properly operate when bent, so cells
preferentially align these elements (and, ultimately, the cell bodies themselves) so as to
minimize their bending.
Other groups have explored this idea sporadically over the decades since Dunn
and Heath proposed it. For example, one group cultured normal and transformed
epithelial cells on similar glass cylinders. The transformed cells, which had significantly
fewer actin bundles, showed no curvature alignment response like the normal cells (103).
With improved microscopy capabilities, several papers provided important new insights
into this topic in the mid-1990s. In 1994, Rovensky and Samoilov studied the
morphology of various cell types on flat surfaces and on highly curved (Rc = 12 and 25
µm) cylinders (104). They found that fibroblasts and other cells with prominent, straight
actin bundles (what we now call SFs) aligned their cell bodies predominantly in the axial
direction. Interestingly, normal epithelial cells and transformed fibroblasts were able to
bend around the cylinders and were less elongated along the axial direction. A year later,
Svitkina et al. showed that most of the SFs in normal fibroblasts are long and align along
the axial direction, but they also have a small population of short SFs that wrap in the
circumferential direction (105). I believe these latter SFs may be the basal SFs that are of
significant interest in Chapters 2 and 3. Epithelial cells, in contrast, wrapped their actin
bundles around the cylinders in the circumferential direction. A subsequent paper from
the same lab highlighted major differences between curvature alignment of fibroblasts
and epithelial cells: normal epithelial cells wrapped their SFs in the circumferential
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direction, but transformed epithelial cells had many more SFs that aligned along the axial
direction (106). Although Dunn and Heath’s hypothesis held up for fibroblast-like cells, it
became apparent that other cell types organize their actin cytoskeletons in very different
ways in response to curvature.

1.3 Objectives and Outline
The primary objective of this dissertation is to understand how cells sense and
respond to macroscale geometric features. The geometric entities of interest are out-ofplane curvature and edges. Studies were designed to assess whether these features are
cues that alter cell behaviors and modify the internal microstructure of cells.
Chapter 2 focuses on the alignment of MEFs and hVSMCs on cylindrical
surfaces. The alignment of isolated cells and confluent monolayers were studied on
cylinders with various radii. Actin SF alignment was also studied. Finally, various
pharmacologic tools were used to implicate the Rho pathway in curvature alignment of
SFs.
Chapter 3 addresses how SFs align in response to substrates with non-zero
Gaussian curvature. A novel sphere-with-skirt (SWS) substrate with a positive Gaussian
curvature cap surrounded by a negative Gaussian curvature skirt was developed. The
curvature-dependent migration of Lifeact-GFP MEFs was also studied. In addition to
patterning the alignment of SF subpopulations, the curvature of the SWS surface was
found to direct migration in a manner distinct from migration on planar surfaces.
Chapter 4 describes the influence of macroscale edges on cell morphology and
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migration. Edges influenced isolated MEFs to elongate and migrate along the edge
direction. The role of edges as boundary conditions for nematic monolayers of MEFs was
studied. Topological defects emerged in the nematic monolayers at corners depending on
the migration patterns of cells at the opposing edges
Chapter 5 summarizes this body of work and suggests new avenues for study in
the area of cellular responses to geometry.
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Chapter 2

Curvature and Rho activation differentially
control the alignment of cells and stress fibers

This work is published:
Bade, N.D., R.D. Kamien, R.K. Assoian, and K.J. Stebe. 2017. Curvature and
Rho activation differentially control the alignment of cells and stress fibers. Sci.
Adv. 3: e1700150.

2.1 Introduction
The formation of spatial patterns in tissues is a long-standing problem in biology.
Decades of research have focused on understanding how biochemical signaling and
morphogen

gradients

establish

cell

patterns

during

development

and

tissue

morphogenesis. Only recently have physical environmental factors such as extracellular
matrix stiffness and externally applied forces been implicated in developmental and
morphogenetic responses (107). Here, we aim to shed light on how the curvature of a
cell’s environment influences the formation of patterns within tissues.
Geometric cues on the order of nanometers and micrometers are well known to
affect a variety of cell behaviors. For example, nano- and microtopographical features
influence cell alignment, cytoskeletal organization, migration, and the deposition of
extracellular matrix proteins (14, 108–112). Less is known about how larger geometric
cues (that is, those on the order of a cell length scale) influence cell behaviors. When
cultured on cylinders with radii less than or equal to the cell length scale, fibroblasts align
their nuclei (90), cell bodies (103, 104), and SFs (originally referred to as actin bundles)
(105) in the axial direction. On cylinders with radii larger than cell length scales, this
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preferential orientation is lost (90, 103). It has been hypothesized that SFs and thus cell
bodies align in the axial direction because this orientation minimizes the energetic costs
associated with SF bending. Epithelial cells cultured on cylinders with small radii have
SFs aligned in the circumferential direction, that is, the direction orthogonal to the SF
alignment direction in fibroblasts (104–106). Thus, the mechanisms driving alignment
cannot be simply explained by substrate geometry.
In vivo, endothelial cells create and experience complex curvature fields. By
vasculogenesis or angiogenesis, endothelial cells establish curved blood vessels in
developing and adult tissues (113–115). Different cell types, including pericytes and
smooth muscle cells, interact with the curvature fields established by endothelial cells.
Pericytes wrap extensions in the circumferential direction around small capillaries (116,
117). In larger vessels, VSMCs align in the circumferential direction or in helical patterns
within the cylindrical tissues (78). Cyclic strain, nano- and microtopographical features,
and shear stresses are known to affect the alignment of VSMCs (118–123). In this
chapter, we aimed to understand if macroscale curvature, like that experienced by
VSMCs in vivo, also influences cell alignment.
An additional physical cue that can influence the alignment of cells is the
orientation of neighboring cells. In confluent monolayers of fibroblasts on planar
surfaces, cells elongate and coalign with adjacent cells, resulting in domains of
coalignment that are on the order of ~500 mm (124). The unique alignment pattern
shown by these cells has been compared to the nematic order that emerges in physical
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systems such as liquid crystals (124–126). In these systems, tightly packed groupings of
elongated elements are positioned randomly in space but are oriented in a common
direction. VSMCs exhibit a similar pattern of order in blood vessels. Whether wrapped in
the circumferential direction or in a helical pattern in cylindrical vessels, the smooth
muscle cells are densely packed and aligned in a common direction with their neighbors
(78, 83). Here, we addressed the question of whether the collective alignment effect that
is observed in confluent monolayers on planar surfaces alters the ability of cells to sense
curvature cues like those experienced by smooth muscle cells in vivo.
We initially aimed to understand how isolated mesenchymal cells align in
response to curvature fields and found that isolated human VSMCs (hVSMCs) align in
the axial direction on cylinders with radii equal to the cell length scale, although less
strongly than mouse embryonic fibroblasts (MEFs). On larger cylinders, neither cell type
aligned preferentially. However, when in confluent monolayers, both cell types showed a
striking enhancement of alignment in the axial direction on large cylinders, indicating
that being densely packed provided the cells with additional curvature sensing
capabilities. To quantify this effect, we developed a number of techniques for evaluating
cell morphology and alignment on curved surfaces that are more accurate than methods
used in the past.
These methods also revealed that apical and basal SFs align in different patterns
in a manner that depends on the curvature magnitude. On cylinders with small radii, long,
apical SFs aligned with cell bodies in the axial direction, whereas basal SFs robustly
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wrapped cylinders in the circumferential direction. Activation of Rho, a small guanosine
triphosphatase (GTPase) that plays a role in SF bundling (127, 128), nearly eliminated
the apical SFs in hVSMCs and enriched the population of thick, basal SFs, ultimately
recapitulating the F-actin alignment patterns observed in blood vessels in vivo.

2.2 Materials and Methods
2.2.1

Cell culture, treatment, and staining
Spontaneously immortalized MEFs were cultured in Dulbecco’s modified Eagle’s

medium (DMEM) containing 10% (v/v) fetal bovine serum (FBS), 2 mM L-glutamine,
2.5 mM Hepes, and gentamicin (50 mg/ml). Human aortic VSMCs purchased from the
American Type Culture Collection were cultured in DMEM containing 10% (v/v) FBS,
amino acid supplement, 1 mM sodium pyruvate, and gentamicin (50 mg/ml). Both cell
types were maintained in 10% CO2 at 37°C.
To activate Rho in isolated cell experiments, cells were first serum-starved with
1% FBS medium for ~24 hours, followed by ~24 hours with medium in which serum had
been replaced by bovine serum albumin (1 mg/ml). For confluent monolayer
experiments, cells were serum-starved with 1% FBS medium for ~24 hours, followed by
~24 hours with 0.2% FBS medium. Cells were then seeded on cylinders and allowed to
adhere and spread on the substrates overnight before they were treated with CN03 (5
mg/ml) or an equivalent volume of water (vehicle) for 6 hours. This provided cells with a
sufficient amount of time to reorganize their actin cytoskeletons in response to curvature.
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The same procedure was performed in the presence of 10 mM Y-27632 or an equivalent
concentration of dimethyl sulfoxide (vehicle).
In the CN03 washout experiments, two substrates seeded with serum-starved cells
were treated for 6 hours, as described above. After the 6-hour treatment, one of the
substrates was fixed. This served as the post-treatment/prewash condition. The other
substrate was washed thoroughly with fresh medium and was incubated for 48 hours.
After the 48-hour incubation, this second substrate was fixed. This is the postwash
condition.
Cells were fixed in 4% paraformaldehyde, permeabilized in 0.5% (v/v) Triton X100, and stained with phalloidin-TRITC (ECM Biosciences) and DRAQ5 (Thermo Fisher
Scientific) or DAPI. Bovine plasma FN was labeled with Alexa Fluor 488 succinimidyl
ester (Molecular Probes) in accordance with the manufacturer’s protocol.
2.2.2

Imaging
Stained cells were imaged using an upright Leica TCS SP5 laser scanning

confocal microscope (University of Pennsylvania Bioengineering Microscopy Core).
Cells on cylindrical substrates were imaged using a 25× water immersion objective.
Imaging of phalloidin intensity was performed on a Nikon Eclipse 80i epifluorescence
microscope.
2.2.3

Plotting
The MATLAB function tight_subplot written by P. Kumpulainen in 2010 was

used to generate some of the plots in this article. This function is freely available through
the file exchange at MathWorks.
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2.2.4

Fabrication and use of cylinder substrates
Glass capillary tubes with outer radii of 40, 125, and 200 mm (VitroCom) were

cut into ~8 mm lengths. A number of these lengths were placed across a ~10 mm × 5 mm
hole in a circular slab of cured polydimethylsiloxane (PDMS) with a diameter of 25 mm
and a thickness of 1 mm. The capillary tubes were fixed in place using liquid PDMS as
an adhesive (Figure 2.1A). A second, 2-mm-thick PDMS slab with a ~10 mm × 10 mm
hole was placed on the first slab so that the cylinders fit within the hole (Figure 2.1B).
The entire construct was secured to the bottom of a 35-mm dish using PDMS as an
adhesive (Figure 2.1C) and baked overnight at 65°C. Suspending the cylinders above the
bottom of the dish allows cells to adhere to and migrate on the entire cylinder.
Before cells were seeded on the cylinders, the substrates were sonicated in 200proof ethanol for 10 min and placed on a hot plate until dry. Once dry, the cylinders were
submerged in 200 ml of an FN solution containing one part labeled FN and three parts
unlabeled FN with a final concentration of ~50 mg/ml. The cylinders were functionalized
with FN by incubating them in this solution for 30 min at 37°C. The cylinders were
rinsed with phosphate-buffered saline and then medium before cells were seeded in the
cylinder chamber. After the cells had attached and started spreading for 30 to 60 min in
the incubator, additional medium was added to the dish to supply the cells with sufficient
nutrients for the remaining culture period. Cells were cultured until the desired surface
density was achieved and were then fixed and stained.
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A

PDMS

Glass capillary

B

C

PDMS

PDMS

35 mm dish

Figure 2.1 Assembly of cylinder substrates. (A) A 5 mm x 10 mm hole is first cut out of the center of a 1
mm thick slab of PDMS that is 25 mm in diameter. Then, 8 mm long sections of capillary tubes are placed
over the hole and secured in place using liquid PDMS as the adhesive. (B) A 10 mm x 10 mm hole is cut
out of the center of a second slab of PDMS; this second slab is also 25 mm in diameter but is 2 mm thick.
Once the PDMS securing the cylinders has cured, the second slab is placed on top of the first slab. (C) The
two-slab structure is placed in a 35 mm dish and secured in place by pouring liquid PDMS around the
structure and curing it.

2.2.5

Mapping of confocal stacks
Examination of phalloidin-TRITC confocal stack projections normal to the

cylinder axis distorted the analysis of cell and SF morphology and alignment; cells on the
sides of the cylinder were tilted relative to the laser scanning direction and appeared
smaller and more axially aligned than those near the top of the cylinder in these
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projections. To resolve this issue, we developed a custom MATLAB mapping algorithm
to map the phalloidin-TRITC signal on the surface of the cylinders to a common plane.
This method improved the visualization of cell morphology relative to the cylinder
surface and facilitated image analysis.
To perform the mapping, a confocal stack was first rotated in the xy plane to
ensure that the cylinder was aligned in the vertical direction. Then, each slice of the stack
was transformed on the basis of the position of the cylinder at the given height from the
top of the cylinder. A projection of this new stack of transformed, or “mapped,” images
was used for the analysis of cell and SF morphology and orientation.

2.3 Results
2.3.1

A collective effect enhances the curvature alignment response of fibroblasts
To study how cells align in response to cell-scale curvature, we cultured MEFs on

the exterior of glass capillary tubes. Cells were cultured sparsely on capillary tubes that
had been functionalized with a mixture of unlabeled and Alexa Fluor 488–conjugated
FN. MEFs stained with phalloidin-TRITC (tetramethylrhodamine isothiocyanate) and the
FN-functionalized surface were imaged with a laser scanning confocal microscope.
Image stacks were reconstructed to visualize the F-actin cytoskeleton and cell
morphology on the cylinders (Figure 2.2A). To evaluate the orientation of these cells, we
first mapped the phalloidin channel to a common plane. Briefly, each image within the
stack was transformed on the basis of its position from the top of the cylinder, effectively
“unrolling” the surface of the cylinder onto a single plane that could be analyzed easily
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(Figure 2.2B). This method generates a more accurate representation of cell morphology
on the cylinder surface than a projection normal to the cylinder axis (90, 103–105).
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Figure 2.2 Fibroblasts in confluent monolayers sense weaker curvature fields than isolated cells. (A)
3D reconstruction of MEFs stained with phalloidin:TRITC (red) on cylinder (Rc = 40 µm) functionalized
with bpFN-AF488 (green). (B) Projection along surface normal (pre-mapping, left) and mapped image
(post-mapping, right) of surface in A and corresponding cross-sections. (C) Alignment Indices of isolated
and confluent monolayers of MEFs on cylinders with Rc = 40 and 200 µm. (D) Mapped images of isolated
(left) and confluent monolayer (right) of MEFs on cylinders with Rc = 200 µm. Arrows indicate cylinder
axis orientation. Scale bars are 100 µm. (E) Analysis of outlines of MEFs on cylinders with Rc = 200 µm.
Area of outlined cells (left); ratio of major to minor axis length of ellipses fit to cell outlines (middle);
orientation angle of long axes of fit ellipses relative to cylinder long axis (right). Cells on at least seven
independent cylinders were analyzed in each condition. Results are mean and SE, * p < 0.05, ** p < 0.01,
*** p < 0.001 (Student's t-test).

To quantify the extent of alignment and elongation of cells on cylinders, bounding
rectangles (BRs) were drawn around each cell in a mapped image. For each cell, we then
calculated an alignment index (AI) given by
43

⎛ LBR , axial
AI = log10 ⎜
⎜L
⎝ BR , circumferential

⎞
⎟⎟ ,
⎠

where LBR,axial and LBR,circumferential are the length of the BR in the axial and
circumferential directions, respectively. This is a measure of the alignment and
elongation of cells centered around zero (90): Positive and negative values indicate
alignment in the axial and circumferential directions, respectively, and the magnitude
indicates the extent of elongation in the given direction. We found that isolated MEFs
aligned and elongated in the direction parallel to the cylinder axis when cultured on small
cylinders with radii of 40 mm, consistent with previous findings (Figure 2.2C) (90, 104,
105). When cultured on large cylinders with radii of 200 mm, isolated cells aligned more
weakly, confirming that these fibroblasts sense and align in response to curvature when
the curvature length scale is near the cell length scale.
MEFs cultured in confluent monolayers on cylinders coaligned with adjacent
cells, much like in nematic monolayers on planar surfaces (Figures 2.2D and 2.3) (124).
Although a small number of monolayers wrapped the cylinders at oblique pitch angles, a
large majority (>90%) of monolayers aligned in the axial direction and exhibited an
enhanced (1.8-fold) AI on large cylinders (Figure 2.2C,D). This finding was surprising
because two-dimensional equilibrium or active nematics are predicted to coalign but have
no preferential orientation direction on cylinders. Because the geometry of the cylinder
induces neither bend nor splay in the co-oriented cell monolayers and the isolated cells
showed little preferential alignment, we expected to observe helical wrappings of the
cylinders with various pitch angles. These results demonstrate that a collective effect
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enhances the ability of cells to align in response to weak curvature fields in a manner that
deviates from predictions of traditional nematics.
A

B

Figure 2.3 MEFs and hVSMCs co-align on planar surfaces. Phase contrast image of MEFs (A) and
hVSMCs (B) exhibiting nematic order on a flat tissue culture plastic surface.

To better discern the relative contributions of cell orientation and elongation
captured in the AI metric, we outlined the phalloidin-stained cytoskeletons of mapped
cells. Cell area was quantified directly from these cell outlines, and cell orientation angle
and aspect ratio were quantified by fitting an ellipse to each cell outline. Despite cells in
confluent monolayers being less than half as spread as isolated cells, they were more
elongated, as indicated by the larger fit ellipse aspect ratio (Figure 2.2E). The larger AI
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value for confluent monolayers compared to isolated cells shown in Figure 2.2C is
attributed to this increased aspect ratio because the cell orientation angles were not
significantly different (Figure 2.2E).
2.3.2

VSMCs align weakly in response to curvature
We next aimed to understand how macroscale curvature and cell density influence

VSMCs to form alignment patterns. In cylindrical blood vessels in vivo, VSMCs are
tightly packed and align circumferentially or in helical patterns (78, 83). We cultured
hVSMCs on cylindrical substrates to determine whether curvature and dense packing
were sufficient to recapitulate the circumferential alignment observed in vivo or would
induce the axial alignment pattern seen in MEFs.
When cultured on cylinders with a radius of Rc = 40 mm, isolated hVSMCs
aligned in the axial direction significantly more weakly than MEFs (Figure 2.4A).
Analysis of cell outlines revealed that the mean orientation angle of hVSMCs
significantly deviated from the nearly axial orientation of MEFs (Figure 2.4B) and that
MEFs were not more elongated than hVSMCs (Figure 2.4C). Thus, the difference in AI
of hVSMCs compared to MEFs is likely due to differences in orientation angle and not
elongation. It has been suggested that isolated fibroblasts align axially on cylindrical
substrates to minimize the bending of actin SFs; because these elongated bundles of
microfilaments have a finite bending energy, they are thought to be organized in the
direction that minimizes their deformation (90). We noticed that the levels of F-actin,
based on phalloidin staining, were lower in hVSMCs compared to MEFs (Figure 2.4D,E).
46

With less F-actin organized into thick SFs, hVSMCs may have a lower energy penalty for
deviating from the ideal axial alignment and thus a smaller AI than MEFs on small
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Figure 2.4 VSMCs align weakly on cylinders when isolated. (A) Isolated hVSMCs have a smaller AI
than isolated MEFs on cylinders with Rc = 40 µm; this is due to weaker axial alignment (B) and not a
difference in elongation (C), as measured from the dimensions of ellipses fit to cell outlines. At least 16
cells were analyzed in each condition. (D) Representative images of phalloidin:TRITC (grey) and DAPI
(blue) staining of MEFs and hVSMCs on coverslips and corresponding phalloidin:TRITC intensities (E).
Scale bars are 50 µm. At least 40 cells of each type in two independent experiments were analyzed. Results
are mean and SE, * p < 0.05, *** p < 0.001 (Student's t-test).

We observed the generation of nematic order in confluent monolayers of
hVSMCs on planar plastic and glass, much like in MEFs (Figure 2.3); this co-alignment
pattern looked qualitatively similar to the ordering of VSMCs observed in vessels in vivo
(78). On cylinders, confluent monolayers of hVSMCs had a nearly threefold larger AI
value than isolated cells (Figure 2.5A,B). Despite their relatively poor alignment when
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isolated, hVSMCs in confluent monolayers had a 26% larger (P = 0.03) AI than MEFs in
confluent monolayers. Analysis of cell outlines revealed that, much like MEFs, hVSMCs
in confluent monolayers had smaller spread area and were significantly more elongated
than isolated cells on large cylinders but were also oriented more strongly in the axial
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Figure 2.5 hVSMCs in confluent monolayers sense weaker curvature fields than isolated cells. (A)
Representative mapped images of isolated (left) and confluent monolayers (right) of hVSMCs on cylinders
with Rc = 200 µm. Arrow indicates cylinder axis orientation. Scale bars are 100 µm. (B) Alignment Indices
of isolated and confluent hVSMCs on cylinders with Rc = 200 µm. (C) Spread area of isolated hVSMCs
and hVSMCs in confluent monolayers on cylinders with Rc = 200 µm. Aspect ratio (D) and orientation
angle relative to cylinder axis (E) of ellipses fit to cell outlines on cylinders with Rc = 200 µm. Cells on at
least eight independent cylinders were analyzed in each condition. Results are mean and SE, * p < 0.05,
*** p < 0.001 (Student's t-test).

2.3.3

Apical and basal SFs align in distinct patterns in response to curvature
To discern the response of SFs to these curvature fields, we studied their

alignment patterns on small and large cylinders. Careful examination of the phalloidin48

TRITC image stacks from a laser scanning confocal microscope revealed that two
subpopulations of SFs aligned in distinct patterns in a curvature-dependent manner
(Figure 2.6A,D). In both hVSMCs and MEFs (Figure 2.7), one population of SFs reached
over the top of the nucleus. These apical SFs formed a perinuclear actin cap (24) and
were aligned strongly in the axial direction on small cylinders (Figure 2.6C) but more
weakly on large cylinders (Figure 2.6D). The longest SFs were apical in both cell types.
In the literature, SFs in epithelial cells and a small number of SFs in fibroblasts
were observed to align in the circumferential direction on small cylinders (104–106).
However, we observed circumferentially aligned SFs in both MEFs and hVSMCs and
found that these SFs comprised a separate population that sits below the nucleus. On
small cylinders, these basal SFs aligned nearly orthogonally to the apical SFs (Figure
2.6C) and were significantly shorter than the apical SFs (Figures 2.6C and 2.8).
We further explored the distinct curvature-dependent alignments of these two SF
populations by examining their relative orientations in individual cells. Within each cell,
the average angle between apical and basal SFs increased with cylinder curvature (that is,
decreased with cylinder radius) because apical SFs became more axially aligned and
basal SFs became more circumferentially aligned (Figure 2.6E).
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Figure 2.6 Apical and basal SFs align in distinct patterns in response to curvature. (A) Apical SFs sit
0 nucleus relative to the cylinder surface shown in cross
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hVSMC Radius
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cylinder with Rc = 40 µm stained with
phalloidin:TRITC showing apical and basal SFs from a single confocal stack. Arrow indicates cylinder axis
orientation. Scale bars are 30 µm. (C,D) Angle distribution plots showing the directions in which basal and
apical SFs are oriented (top) on small and large cylinders. The bottom plots show the longest 30% (Long;
22.3 µm ≤ L40 µm ≤ 67.4 µm; 18.6 µm ≤ L200 µm ≤ 47.3 µm), shortest 30% (Short; L40 µm ≤ 12.1 µm; L200 µm ≤
11.3 µm), and the remaining 40% (Mid) SFs, where LRc denotes the length of SFs on cylinders with radius
Rc. Axial and circumferential orientations are given by orientation angles of 0˚ and 90˚, respectively. (E)
Angle between the mean orientation of basal SFs and the mean orientation of apical SFs in cells on each
substrate. At least 272 SFs in 10 cells were analyzed in each condition. Results are mean and SE, ** p <
0.01 (Student's t-test).

50

A

B

Rc = 40 µm

60
40
20
0

Short
Mid
Long

Basal
Apical

30

Percent of SFs

Basal
Apical

Percent of SFs

60
40
20
0

Rc = 200 µm

15

0

0

15

45

0

90
⟨Basal Angle⟩ - ⟨Apical Angle⟩ (deg)

SF Angle (deg)

C

Short
Mid
Long

30

0

45

90

SF Angle (deg)

80

***

60

40

20

0

40

200

Cylinder Radius (µm)

Figure 2.7 Apical and basal SFs align in distinct patterns in MEFs in response to curvature. Angle
distribution plots showing the directions in which basal and apical SFs are oriented (top) on small (A) and
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angle of basal and apical SFs within individual cells. At least 165 SFs in 5 cells analyzed for each
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2.3.4

Activation of Rho alters the sizes of SF populations in hVSMCs
Although the long, apical SFs aligned axially and agreed with the curvature

alignment hypothesis based on bending energy described previously, the basal SFs
appeared to directly contradict this hypothesis; these SFs aligned along the direction of
maximum curvature and were thus bent as much as they could be on small cylinders. This
observation suggests that curvature alignment of SFs is guided by more than just the SF
bending energy. An alternative hypothesis suggests that the balance between SF bending
energy and contractility determines the alignment pattern of SFs in response to curvature
(129). If SF bending energy dominates, then SFs tend to align in the axial direction. If
contractility instead dominates, then SFs tend to align along the circumferential direction.
To probe the relationship between SF bending energy, contractility, and curvature
alignment, we activated Rho in both MEFs and hVSMCs with CN03. Rho is a small
GTPase that is known to regulate SF formation and actomyosin contractility (127). CN03
constitutively activates Rho by blocking its GTPase activity and does not affect the
activity of Rac or Cdc42 (130, 131). Cells on cylinders were treated for 6 hours to allow
for cytoskeletal reorganization before fixation. Treated cells showed a strikingly different
SF organization compared to control cells on a cylinder of intermediate size (Rc = 125
mm): The SFs were thicker, tightly packed, and almost exclusively aligned in the
circumferential direction (Figure 2.9A). Cylinders with Rc = 125 mm were used to study
the restructuring of SFs aligned by curvature via activation of Rho (Figures 2.9 and 2.10)
for two reasons: At this radius, curvature is strong enough to drive SF alignment, and
52

more cells are observable on each cylinder than on the smaller cylinders of Rc = 40 mm.
The phalloidin signals in the control and treated cells appear to have similar intensities
only because the laser intensity was reduced to make the SFs in treated cells visible; on
coverslips, Rho-activated cells had a significantly brighter phalloidin-TRITC signal than
control cells (Figure 2.11). Costaining with the nuclear dye DRAQ5 revealed that nearly
all of the SFs were basal (Figure 2.9B-D).
The activation of Rho with CN03 had a robust and long-lasting effect on the
organization of SFs. Treated hVSMCs had thick SFs oriented in the circumferential
direction even 48 hours after washing away the activator (Figure 2.12). This persistent
effect is likely due to the mechanism by which CN03 activates Rho: CN03 converts the
glutamine residue in position 63 to glutamate (130, 131), a covalent modification that is
unlikely to be reversed in the time scales examined.
To determine whether inhibition of the Rho pathway would reduce the thickness
and curvature alignment of basal SFs, we inhibited ROCK, a kinase downstream of Rho
that stimulates SF formation (132), using Y-27632. The inhibition of ROCK eliminated
the apical population of SFs, much like the activation of Rho (Figure 2.13). A small
number of circumferentially oriented, thin, basal SFs were the only SFs that remained in
treated cells. This suggests that basal SFs are more stable and resistant to perturbations of
the Rho/ROCK pathway than apical SFs.
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Figure 2.9 Activation of Rho alters the sizes of SF populations. (A) Representative mapped phalloidinTRITC images of hVSMCs on cylinders with Rc = 125 mm treated with CN03. Scale bars, 50 mm. (B) Zprojection and orthogonal slices of hVSMC on a cylinder with Rc = 125 mm treated with CN03. Red,
phalloidin-TRITC; blue, DRAQ5. Scale bar, 30 mm. Arrows indicate cylinder axis orientation. (C) Angle
distribution plots showing the directions in which basal and apical SFs are oriented (top) in control cells
and cells treated with CN03. The bottom plots show the longest 30% (Long; 19.6 mm ≤ L0mg/ml ≤ 50.7
mm; 18.1 mm ≤ L5mg/ml ≤ 38.4 mm), shortest 30% (Short; L0mg/ml ≤ 12.3 mm; L5mg/ml ≤ 12.0 mm),
and the remaining 40% (Mid) of SFs, where L[CN03] denotes the length of SFs in cells treated with a
concentration of CN03 equal to [CN03]. Axial and cir- cumferential orientations are given by orientation
angles of 0° and 90°, respectively. (D) Ratio of the number of apical-to-basal SFs per cell in isolated
hVSMCs treated with CN03 on cylinders with Rc = 125 mm. At least 259 SFs in 11 cells were analyzed in
each condition. Results are mean and SE. *P < 0.05, Student’s t test.

54

A

[CN03] (µg/mL)

B

Alignment Index

0

C
0.25
0.2
0.15
0.1
0.05
0

5

***

0

5

[CN03] (µg/mL)

Phalloidin
Intensity

Figure 2.10 Rho activation establishes F-actin alignment observed in vivo. hVSMCs on cylinders with
Rc = 125 µm were treated with (A) 0 µg/mL or (B) 5 µg/mL CN03. Arrow indicates cylinder axis
orientation. Scale bars are 100 µm. (C) Alignment Indices of CN03-treated hVSMCs in confluent
monolayers on cylinders with Rc = 125 µm. Cells on at least 13 independent cylinders were analyzed in
each condition. Results are mean and SE, *** p < 0.001 (Student's t-test).

*

1.5
1
0.5
0

0

5

[CN03] (µg/mL)
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Figure 2.12 F-actin organization is not recovered after CN03 washout. Six representative mapped
images of phalloidin-stained hVSMCs on cylinders with Rc = 125 µm. Cells treated with 5 µg/mL CN03
had predominantly basal SFs oriented in the circumferential direction both after being treated for six hours
(A) and 48 hours after washing away the activator (B). The apical, axially-oriented SFs were more
prominent in control cells (0 µg/ml) at both time points (C and D). Arrow indicates cylinder axis
orientation.
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Figure 2.13 Basal SFs remain after inhibition of ROCK. Serum-starved MEFs were seeded on cylinders
with Rc = 40 µm overnight before being treated with 10 µM Y-27632 or an equivalent concentration of
DMSO for six hours. Two representative mapped images are shown for each condition. Arrow indicates
cylinder axis orientation. Scale bar is 50 µm.

2.3.5

F-actin in confluent monolayers of hVSMCs adopts an alignment pattern
observed in vivo upon activation of Rho
Activation of Rho in confluent monolayers of hVSMCs induced the same shift in

SF populations observed in isolated cells. Cells treated with CN03 had thick, bright, basal
SFs oriented in the circumferential direction on intermediate-radius cylinders with Rc =
125 mm (Figure 2.10A,B). In blood vessels in vivo, phalloidin staining showed that Factin is oriented in a similar circumferential orientation (83). Activation of Rho also
caused the cells to be less elongated and aligned in the axial direction, as indicated by a
reduction in the AI (Figure 2.10C). Thus, by providing cells with a macroscale curvature
cue and activating Rho, we recapitulated the circumferential F-actin alignment pattern
observed in vessels in vivo and reduced axial cell alignment.

2.4 Discussion
In addition to sensing chemical cues, mammalian cells have the ability to detect
and respond to physical stimuli from their environment. In this chapter, we explored how
macroscale curvature acts as an external physical cue that guides changes in the
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alignment and morphology of isolated cells, populations of cells, and their actin
cytoskeletons. We found that isolated VSMCs aligned more weakly than fibroblasts on
cylindrical substrates. Although isolated cells had a weak pattern of alignment on
cylinders with radii larger than the cell length scale, both MEFs and hVSMCs in
confluent monolayers aligned prominently in the direction parallel to the cylinder axis.
Long, apical SFs in isolated cells aligned in the axial direction on cylinders with radii
equal to the cell length scale, whereas a subpopulation of short, basal SFs aligned in the
orthogonal direction, wrapping cylinders around their circumferences. Upon activation of
Rho, nearly all of the apical SFs vanished, whereas the basal SFs became thick and
robustly aligned in the circumferential direction. By activating Rho in confluent
monolayers of hVSMCs, we recapitulated the circumferential orientation of F-actin that
is observed in blood vessels in vivo.
The results presented in this chapter suggest that cell and SF response to curvature
is more complex than previously appreciated. It was thought that SFs and, thus, cells
themselves align on cylinders with radii smaller than the cell length scale because there is
an energy penalty for bending the long SFs; when aligned along the cylinder axis, the SFs
do not have to bend, and thus, axial alignment is preferred (90). Many of our results
substantiate this hypothesis: (i) Many long SFs in isolated cells aligned axially on small
cylinders, and (ii) the potentially weaker F-actin cytoskeletons in isolated hVSMCs
caused them to align less strongly than MEFs.
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While intriguing, this hypothesis is not supported by all results. For example, the
SFs within epithelial cells (105) and a subpopulation of basal SFs in MEFs and hVSMCs
align in the circumferential direction on small cylinders, which is the direction in which
the SFs are most bent. We initially thought that activation of Rho in cells on large
cylinders would cause SFs to become thicker and more resistant to bending; ultimately,
this would lead to enhanced axial alignment of both SFs and cells on a surface that
produced no preferential alignment of untreated cells. We observed the opposite trend:
Thick SFs aligned in the circumferential direction. Thus, it is apparent that bending
energy arguments are insufficient to explain SF alignment on their own and additional
mechanisms are at play. Increases in SF stiffness are likely correlated with those in
contractility in most cases. For example, addition of the protein phosphatase 1 and 2A
inhibitor calyculin A increases both contractility and SF stiffness (133, 134). Biton and
Safran (129) described a theoretical curvature alignment model, which suggested that SFs
align in either the axial or circumferential direction based on the balance between SF
bending energy and contractility. SFs were predicted to align circumferentially when
contractility dominated over SF bending penalties. On the basis of this argument, it is
possible that a transition from a bending-dominated regime to a contractility-dominated
regime may have occurred in our Rho activation experiments. Perhaps, activation of Rho
enhances contractility in hVSMCs more than it increases SF bending, resulting in the
observed circumferential alignment. Although our data provide evidence in support of
this theory, the model does not account for the presence and restructuring of two spatially
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separated populations of SFs that we observe in experiments. This raises the possibility
that the mechanical properties and tensions within SFs may vary along the z-axis within
individual cells. Related mechanisms based on tension generated by VSMCs in collagen
matrices uphold contractility as an important player in circumferential cell alignment (83,
135–137). We aim to continue exploring this hypothesis by measuring the SF mechanical
properties and cell contractility upon activation of Rho.
More work is also required to understand the molecular basis for the generation of
order in densely packed populations of mesenchymal cells. On planar surfaces,
fibroblasts exhibit several hallmarks of active nematics, including long-range
coalignment and the formation of topological defects (124–126). On cylinders, MEFs and
hVSMCs coaligned, but their alignment patterns relative to the cylindrical substrates
deviated from those predicted by theory of nematics. Nematic theory suggests that cells,
the “nematogens” in this system, would wrap cylinders in helical patterns with various
pitch angles because the isolated cells aligned in random directions on large cylinders.
Because the cylinder would not induce any deformation of the two-dimensional nematic
(that is, no bend or splay), no orientation angle would be preferable over another. Instead,
cells in confluent monolayers aligned strongly in the axial direction on large cylinders,
indicating that the mechanisms driving the alignment in cell monolayers are more
complex than those governing equilibrium or molecular active nematics. We suspect that
junctional proteins mediating cell-cell contact play an important role in establishing
nematic order in confluent monolayers as well as in driving this noncanonical alignment
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pattern. Adherens junctions allow cells to exert forces on each other and influence the
organization of the actin cytoskeleton (138, 139), perhaps altering SF mechanics such
that bending penalties are increased and axial alignment is enhanced. Alternatively, cells
in confluent monolayers may align in the axial direction more strongly than isolated cells
because the monolayers may have a larger effective length scale due to the connection of
SFs through cell-cell adhesions. That is, SFs in adjacent hVSMCs may connect to each
other through adherens junctions (22, 140), ultimately creating a network of SFs that is
more resistant to bending than the SFs in isolated cells. This is a focus of ongoing work.
The influence of curvature, contractility, and packing on pattern formation in inert
materials is well appreciated (141, 142). Our work suggests that these factors also guide
the alignment of cells that experience curvature fields in vivo. We found that VSMCs
aligned in the direction orthogonal to the direction in which they align in blood vessels;
in vivo, smooth muscle cells wrap around vessels in the circumferential direction or in
helical patterns (78). The reason for this marked difference in alignment directions is not
known. SF bending penalties have long been implicated in curvature alignment, but more
recent theory suggests that contractility-generated tension can override these effects. Our
Rho activation data in hVSMCs indicate that contractility is an important parameter in
establishing the circumferential orientation of F-actin observed in blood vessels in vivo.
These results suggest that an interplay between macroscale geometry, F-actin bending
penalties, and cell-generated tension influences cell alignment both in vitro and in vivo.
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Chapter 3

Gaussian curvature directs stress fiber orientation
and cell migration

This work is published:
Bade, N.D., T. Xu, R.D. Kamien, R.K Assoian, and K.J. Stebe. 2018. Gaussian
Curvature Directs Stress Fiber Orientation and Cell Migration. Biophys. J.
114: 1467-1476.

3.1 Introduction
Proper organization of the actin cytoskeleton is crucial for a wide range of
important cell behaviors including division (143), migration (144), and endocytosis
(145). In addition to being affected by soluble chemical signals, actin organization is
influenced by the physical characteristics of a cell’s surroundings. For example, high
substrate stiffness induces the formation of SFs (146) and cell spreading (147).
On rigid planar surfaces, fibroblast-like cells tend to migrate in the direction in
which their primary contractile SFs are oriented (148). The contraction of these SFs,
which contain non-muscle myosin II, contributes to forward locomotion of the cell body
and retraction of the trailing edge (45, 149, 150). These SFs are present at the basal
surface of the cell (often called “ventral SFs”) (19, 21, 22) and above the nucleus (called
apical or “perinuclear actin cap fibers”) (24, 148).
Although planar surfaces have historically been used to study cell cytoskeletal
organization and motility, physiologic environments have more complex geometries. It is
well known that geometric cues on subcellular length scales can pattern the arrangement
of the actin cytoskeleton. For example, nano- (35, 151) and micropatterned (24, 152)
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adhesive ligands guide the alignment of SFs. We and others have found that geometric
cues on the order of a cell length scale can also guide SF organization. For example, on
cylindrical substrates, SF subpopulations align along the principal directions of the
surface (104–106, 153). One population of SFs on top of the nucleus aligns in the axial
direction while a subpopulation of SFs below the nucleus aligns in the circumferential
direction. These SF subpopulations, termed apical and basal SFs, respectively, align in
these preferred directions in a manner that depends on the curvature magnitude.
Although the cylinder is a common geometry in the body that appears in the form
of vessels and ducts, surfaces with more complex curvature fields are also present. A
saddle-like region exists where one blood vessel branches from another, for example.
Many types of glands, including sebaceous and sweat glands, are capped by epithelial
surfaces that resemble a sphere. These surfaces have distinct Gaussian curvatures: a
cylinder has zero Gaussian curvature, a saddle’s is negative, and a spherical cap has
positive Gaussian curvature. In vivo, the radii of curvature of these surfaces vary from
tens of microns (e.g., arterioles (71) and ducts of eccrine sweat glands (72)) to hundreds
of microns and millimeters (e.g., arteries (71) and intestinal villi (76)). Despite their
widespread appearance in biology, the effect of these geometries on cell behavior is
largely unknown.
In this chapter, we used fibroblasts as a model cell type to understand how such
non-zero Gaussian curvature fields influence SF organization and migration. We cultured
cells on a radially symmetric surface developed for this study that we call a sphere-with63

skirt (SWS). This surface seamlessly connects a spherical cap of positive Gaussian
curvature to a saddle-like skirt of negative Gaussian curvature. The radii of curvature of
the SWS surface (roughly 80-500 µm) are on the order of a cell length scale (roughly 60150 µm). Use of this platform reveals new effects of geometry on cell positioning, SF
alignment, and cell migration and shows that cell behavior on physiologically relevant
Gaussian curved surfaces is fundamentally distinct from that seen on more commonly
studied planar substrates.

3.2 Materials and Methods
3.2.1

Preparation of SWS Substrates
Master arrays of SWS substrates were prepared by first spin coating a thin film of

liquid polydimethylsiloxane (PDMS; Dow Corning, Midland, MI) onto a solid slab of
PDMS (Figure 3.1). All PDMS was prepared with a 1:10 ratio of crosslinker to elastomer
base. Then, spheres made of PDMS (~170 µm in diameter for small SWS) or glass (~450
µm in diameter for large SWS) were placed in the film in a regular array. The PDMS
spheres were made using a microfluidic device (154) and the glass spheres were obtained
from Polysciences, Inc (Warrington, PA). The liquid PDMS rose via capillarity around
the bases of the spheres to form the skirts. The substrate was then cured on a hot plate.
Once cured, the surface was plasma etched and trichloro(1H,1H,2H,2Htridecafluoro-n-octyl) silane (TCI, Portland, OR) was vapor deposited on the surface.
Liquid PDMS was poured around the silanized master array and baked on a hot plate.
Once solidified, the freshly poured PDMS was separated from the master array to yield
an array of SWS holes. This array of holes was then silanized and SWS substrates were
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cast from the silanized hole array. To ensure the surface of the SWS substrate was
smooth, a thin film of liquid PDMS was spin coated onto the surface. The substrate was
then baked overnight at 65˚C.
PDMS or glass
spheres
Liquid PDMS
PDMS slab

1. Place spheres in
liquid PDMS

7. Remove SWS
substrate

8. Spin coat thin film
of PDMS
2. Bake and silanize PDMS
3. Pour liquid PDMS

9. Submerge features
in FN solution

FN solution

Silane

4. Bake and remove
SWS holes
10. Rinse with PBS
and medium
11. Seed cells

Cell
Medium

5. Silanize holes
6. Pour liquid PDMS

12. Submerge
substrate

Figure 3.1 Preparation of an SWS substrate
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3.2.2

Surface Characterization
The SWS surfaces were visualized using a Quanta 600 FEG environmental

scanning electron microscope (Singh Center for Nanotechnology, University of
Pennsylvania). The PDMS surfaces were sputtered with either chromium or
gold/palladium to reduce charging. Surface roughness was characterized using a KLA
Tencor P7 profilometer (Quattrone Nanofabrication Facility at the Singh Center for
Nanotechnology, University of Pennsylvania) with a scan rate of 50 µm/s.
3.2.3

Cell Culture
Spontaneously immortalized MEFs were cultured in DMEM containing 10 vol.%

FBS, 2 mM L-glutamine, 2.5 µM HEPES, and 50 µg/mL gentamicin. Primary MEFs
were isolated from Lifeact-GFP mice (155) in collaboration with the Burkhardt
laboratory at the Children’s Hospital of Philadelphia and were cultured in the same
medium. These cells were maintained at 37˚C and 10% CO2. Human aortic VSMCs were
cultured as described previously (153). Cells were fixed in 4% paraformaldehyde,
permeabilized in 0.5 vol.% Triton X-100, and stained with phalloidin:TRITC (ECM
Biosciences, Versailles, KY).
To prepare the surface for cell culture, it was functionalized with FN. The PDMS
substrate was placed in a 35 mm dish and treated with UV-ozone before a sessile drop of
~50 µg/mL bovine plasma FN was added to the surface. The FN solution contained three
parts unlabeled bovine plasma FN (EMD, Burlington, MA) and one part bovine plasma
FN that had been labeled with either Alexa Fluor 488 or Alexa Fluor 647 succinimidyl
ester (ThermoFisher Scientific, Waltham, MA) according to the manufacturer’s protocol.
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The substrate was incubated at 37˚C and 10% CO2 for 30 minutes. Then, the surface was
rinsed with PBS and cell culture medium before suspended cells were seeded in a sessile
drop. The cells and substrate were incubated at 37˚C and 10% CO2 for 30 minutes and
then 4 mL of medium were added to the dish to submerge the substrate. Immortalized
MEFs were cultured overnight before being fixed. Lifeact-GFP MEFs were cultured for
~10 hours before imaging.
3.2.4

Imaging
Fixed MEFs and their FN-labeled surfaces were imaged using a 25×/0.95 NA

water immersion objective on a Leica TCS-SP5 laser scanning confocal microscope
(Bioengineering Microscopy Core, University of Pennsylvania). Live imaging of LifeactGFP MEFs was performed on a Leica SP8 laser scanning confocal microscope (Cell and
Developmental Biology Microscopy Core, University of Pennsylvania). A 10×/0.4 NA
air objective and an incubation stage were used to image for ~12 hours per experiment.
Images were collected every ~13 minutes.
3.2.5

Image Analysis
To analyze SF orientation, the image stacks of phalloidin and FN signals from

confocal scans were rotated so that the viewing direction was normal to the surface at the
center of the cell (Figure 3.2). A series of custom ImageJ macros and MATLAB scripts
were used to reslice the FN channel along a radius through the center of the cell, fit a
parabola to the surface profile, and rotate the FN and phalloidin stacks to achieve the
normal view. In the rotated stack, radially oriented SFs point in the vertical direction and
azimuthally oriented SFs point in the horizontal direction. Once the phalloidin stack was
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rotated, lines were drawn in Fiji over each apical and basal SF. The maximum intensity
projection of the rotated phalloidin stack was used as an initial guide for SF
characterization. However, final characterization was performed by scanning through the
rotated phalloidin stack slice-by-slice and following individual SFs.

A

B
Slice #: 27

z

60

102

y
x

Projection of rotated stacks
(viewed down surface normal)

Projection of original stacks

C

Rotate about z
by α

Rotate about y
by β

D

F

α
View cross section
along dashed red line

E
β

G

Slice #: 16

22

28

H

Figure 3.2 Processing of Confocal Stacks for SF Alignment Analysis. (A) Schematic of the actin
cytoskeleton of a cell on an SWS skirt. Green: fluorophore-labeled FN on SWS surface; solid grey: SFs;
transparent grey: plasma membrane; blue: planes scanned by the laser scanning confocal microscope. Only
three scan planes are shown for clarity. (B) Three representative slices from the stack of confocal images.
Slices roughly correspond to the three planes shown in A. Green: Alexa Fluor 647-labeled FN; grey:
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phalloidin:TRITC. Red dashed line is a circle fit to the FN channel in the slice passing through the cell
center. Slice step size: 0.6 µm. Scale bar: 50 µm. All images in this figure are to scale with this figure
except A and G. (C) Maximum intensity projection of the raw FN and F-actin channels. Dashed chartreuse
lines represent the bounding rectangle at which the stacks are cropped. The orange line connects the center
of this bounding rectangle to the center of the fit circle shown in B (i.e., the center of the radiallysymmetric SWS). The angle α defines the angular position of the cell in the original scan. (D) Cropped
region of the projection rotated about the z-axis by the angle α. The red dashed line is the radius of the
SWS through which the FN stack is sliced. (E) Cross section of the FN stack along the red dashed line in
D. Here, the red dashed line is the parabola fit to the FN cross section. The normal vector to the surface
(cyan arrow) is calculated from the fit parabola. The angle between the normal vector and the x-axis, β, is
also calculated. (F) Maximum intensity projection of the FN and F-actin stacks rotated about the y-axis by
the angle β. The plane tangent to the surface at the center of the cell is now parallel to the plane of the page.
The rotated stacks are resliced along parallel planes in Fiji. All SFs are analyzed after undergoing these
transformations. (G) A blue plane represents the direction along which the cell and SWS in A are resliced
after the series of transformations. Transformations and reslicing were performed using Fiji’s TransformJ
function. (H) Three representative slices from the rotated and resliced stacks of FN (green) and phalloidin
(grey).

Once the SF lines were drawn, a custom ImageJ macro performed a radial reslice
of the FN channel about each SF. Additional details are available in Figure 3.3. Briefly, a
50 µm-long line was drawn that shared the center position and orientation angle as an SF
of interest. Then, the rotated FN channel was sliced along this line to obtain the surface
profile directly beneath the SF. The brightness and contrast of the profile image were
enhanced using Fiji’s automatic brightness and contrast function, which alters the
histogram of gray values so that a small fraction (typically < 1%) of pixels become
saturated. Then, Fiji’s Despeckle function was used to reduce noise. A threshold was then
applied. Inclusion of the brightest ~1% of pixels yielded points at the center of the FN
signal and minimized noise that distorted curve fitting. A parabola of the form h = a1x2 +
a2x + a3 was fit to the remaining points in MATLAB and the curvature of the contour
was calculated at the center point. Subsequently, the reslice line was rotated about its
center by a total of 170˚ in 10˚ increments in the clockwise direction and the reslicing of
the FN channel was performed for each rotation. The principal curvatures of the surface
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at the point directly beneath the center of the SF are equal to the maximum (i.e., largest
positive), cmax, and minimum (i.e., largest negative), cmin, curvatures calculated from the
radial reslicing procedure. The deviatoric curvature of the surface δc is defined as the
difference between these two curvatures, i.e., δc = cmax – cmin.
Slice #

Normal View
Ai

Side View

FN Cross Section

Bi

Ci

Di

B ii

C ii

D ii

B iii

C iii

D iii

0˚

0

A ii
90˚

9

A iii
170˚

17

Figure 3.3 Method of reslicing FN confocal stacks. Three representative slices are shown from different
perspectives. (A) Maximum intensity projections of the merged Alexa Fluor 647-labeled FN (green) and
phalloidin:TRITC (grey) channels after undergoing the transformations described in Figure 3.2. The cyan
line is a 50 µm-long line along which the FN channel is resliced. In Ai, this line is oriented along and
centered on an SF of interest. Three-dimensional models of the system described in A are shown from two
different perspectives in B and C. Solid grey cylinders represent SFs and the transparent grey surface
represents the plasma membrane. The FN-coated SWS surface is green. In Bi, the cyan reslicing plane
intersects the SWS surface along the contour highlighted by the solid red line in C. The cross section of the
FN stack along the cyan plane is shown in Di. The green dots are the processed FN data points and the red
dashed line is a parabola fit to the points. Reslice angles are measured in the clockwise direction from the
original orientation of the reslice line. Figs. Aii-Dii show the same data for a reslice angle that is 90˚ from
the original reslice line. In Aii, the dashed cyan line represents the orientation of the SF and the solid cyan
line represents the reslice line. The magenta dot in Aii is the center of the reslice line about which the line
is rotated. Finally, Aiii-Diii show a reslice angle of 170˚ for the same SF. The curvature of the surface at
any reslice angle is calculated from the fit parabola where the parabola intersects the magenta line. Note the
change in sign of the curvature: the curvature is positive in Di and Diii, but negative in Dii; these two
changes in sign while reslicing from 0˚ to 170˚ are also shown in Figure 3.4E. Only three reslice angles are
shown here, but the FN channel was resliced 18 times (0˚-170˚ in 10˚ intervals) for each SF in the complete
analysis (see Figure 3.4D,E). In C, SFs are excluded for clarity. Scale bar: 30 µm.
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The Automated Detection and Analysis of Protrusions (ADAPT) plugin for Fiji
was used to capture cell trajectories and measure the boundaries of migrating LifeactGFP MEFs (156). Maximum projections of the phalloidin stacks were generated and their
brightness and contrast were adjusted. Then, the ADAPT plugin was used to outline the
cells at each time point. The cell centers of mass, boundary positions, and edge velocities
were measured by ADAPT and post-processed in custom MATLAB scripts. The
topographical maps were generated by a custom ImageJ macro that used ImageJ’s Fit
Circle function to fit a circle to FN slices at regular intervals and then plotted the circles
on maximum projections of the phalloidin stacks. All three-dimensional models were
created in Blender.

3.3 Results
3.3.1

SF subpopulations align along principal directions on a negative Gaussian
curvature surface
To study how SF organization is affected by non-zero Gaussian curvature, we

designed and fabricated a surface that we call a sphere-with-skirt or SWS (Figure 3.4A).
An initial master array of features was created by spin coating a thin layer of PDMS onto
a solid PDMS slab, placing PDMS spheres into the film, and baking the substrate to
capture the “skirt” that forms as a result of capillary rise around the spheres. This master
array was used to make negative molds from which the substrates were cast (Figure 3.4).
The SWS has a unique curvature field that is useful for studying the effects of non-zero
Gaussian curvature on cell behaviors: Each unit possesses a spherical cap that has
positive Gaussian curvature that smoothly transitions to a negative Gaussian curvature
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skirt. Additionally, the magnitude of the skirt’s Gaussian curvature decreases with
distance from the feature’s symmetry axis, making this a useful platform for studying the
effects of not only the sign but the magnitude of Gaussian curvature.
Once an array of SWSs was fabricated, the surface was functionalized with
fluorophore-conjugated FN and MEFs were seeded on the surface. Then, a laser scanning
confocal microscope was used to image the F-actin cytoskeletons of cells on the features.
To examine SF orientation, the cells were stained with phalloidin:TRITC, a fluorescent
marker of polymerized actin. The phalloidin and FN channels were rotated so that the
viewing plane was tangent to the surface at the center of the cell; once so oriented, the
scans were resliced (Figure 3.2). This analytical approach provided a representation of
the SFs that facilitates analysis since, in this rotated view, many of the SFs lay in the
slicing planes.
A scan through the rotated phalloidin stacks revealed two distinct subpopulations
of SFs, each aligned in distinct directions in cells on the highly curved regions of the
skirts (Figure 3.4B,C, Movie 1). The apical SFs, primarily located above the nucleus,
aligned in the radial direction. A separate population of basal SFs located beneath the
nucleus aligned largely in the azimuthal direction. Although some of the basal SFs were
visible in a maximum projection of the rotated phalloidin stack, many were hidden
beneath the bright apical SFs and were only revealed by carefully scanning through the
stack. A similar pattern of SF alignment was seen in VSMCs (Figure 3.5). We previously
observed a similar SF subpopulation orientation pattern in cells on surfaces with zero
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Gaussian curvature; when cultured on cylinders, MEFs and hVSMCs had apical SFs
aligned in the axial direction and basal SFs aligned in the circumferential direction (153).
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Figure 3.4 SF subpopulations align along principal curvature directions on a surface with negative
Gaussian curvature. (A) Scanning electron micrograph of SWS surface. Scale bar is 50 µm. (B) Diagram
showing alignment of apical (red) and basal (yellow) SFs on SWS skirt. (C) A representative MEF on an
SWS skirt. Orthogonal sections reveal chords formed by apical SFs. Apical SF image is a projection of 16
slices. Basal SF image is a single slice. Grey: phalloidin; green: FN. Scale bar is 20 µm. (D) Projection of
phalloidin staining of another MEF on a different SWS skirt. Red line is a 50 µm-long reslice line oriented
along and centered at an apical SF. Cyan lines are radial reslice lines. Scale bar is 20 µm. (E) Curvature of
the surface based on FN signal beneath the cell in D. Red and cyan dots correspond to the radial reslice
lines in D. (F) SF subpopulation orientation angles as a function of δc. Values are the average for each cell.
(G) Average curvature under apical SFs divided by the average maximum curvature for radially-resliced
apical SFs. (H) Average curvature under basal SFs divided by the average minimum curvature for radiallyresliced basal SFs. 13 cells on small and 31 cells on large δc surfaces. Results in G and H are mean and SE,
** p ≤ 0.01, *** p ≤ 0.001 (Student’s t-test).
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SWS
Cap

Figure 3.5 hVSMCs on SWS skirts. Three representative, rotated projections of hVSMCs on SWS skirts.
Grey: phalloidin:TRITC; red: apical SFs; yellow: basal SFs. Scale bars are 30 µm.

We next probed how these alignment patterns depend on curvature magnitude. On
the simple cylindrical surface, the SF subpopulations became more strongly aligned in
their preferred directions as the magnitude of the non-zero principal curvature increased.
Unlike the cylinder, however, the SWS surface has two non-zero principal curvatures at
every point. To measure these principal curvatures, a radial reslicing algorithm was
employed (Figures 3.4D, 3.2, 3.3, and Chapter 3.2) that revealed contours of the surface
in slices beneath the SFs at various angles. This method allows for direct measurement of
the local curvature field around each SF (Figure 3.4E).
We used the surface curvature values calculated from the radial reslicing to
calculate the difference in principal curvatures for each SF. This difference, also known
as the deviatoric curvature (δc), is a convenient metric of the “curvature challenge”
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experienced by each cell: A cell on a saddle-like region of the SWS with large δc was
challenged by large curvatures pointing in different directions. For each cell, the average
orientation angles of the apical and basal SFs as well as mean δc were calculated (Figure
3.4F). On regions of the surface with small δc (i.e., more planar regions), basal and apical
SFs had no preferential orientation. On portions of the surface with δc > ~0.01 µm-1,
apical SFs aligned strongly in the radial direction. Basal SFs aligned preferentially in the
azimuthal direction, but with a slightly broader distribution of angles than the apical SFs.
To quantify the extent to which SF subpopulations aligned along principal
directions of the surface, the curvatures of surface contours directly beneath SFs were
divided by the principal curvatures. By this normalization, SFs aligned along principal
directions have a ratio equal to unity. For example, the curvature of the surface directly
beneath an apical SF aligned perfectly in the radial direction would be equal to the
maximum (i.e., largest positive) principal curvature. Normalizing this curvature by the
maximum principal curvature yields unity. Any apical SFs that deviate from perfect
radial alignment have normalized curvatures less than unity. The apical SF data are
reported in Figure 3.4G. Surface curvatures beneath basal SFs were normalized by the
minimum (i.e., largest negative) principal curvature to show how strongly those SFs
aligned along that convex principal curvature (Figure 3.4H). We find that SFs aligned
strongly in cells that experienced large δc > 0.01 µm-1. Therefore, cells were divided into
two groups; those that experienced large and small (i.e., < 0.01 µm-1) δc. Apical SFs in
cells challenged by large δc aligned preferentially along the concave principal curvature
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(Figure 3.4G). Basal SFs in cells challenged by large δc aligned along the convex
principal curvature (Figure 3.4H). However, for the latter case, the ratio of contour
curvatures was ~0.6. Thus, basal SF alignment was less pronounced than that of apical
SFs.
On cylinders, the alignment of apical SFs has been attributed to their resistance to
bending; when oriented in the axial direction, these long SFs can remain nearly straight
and avoid the energetic penalty associated with bending (90, 105, 106, 153). Although
the long, apical SFs on the SWS align along the direction of maximum curvature, they
also remain unbent. Instead of following the surface curvature closely, these SFs lift
away from the surface and form chords over the concave portion of the surface (see
Figure 3.4B and cross sections in Figure 3.4C). Thus, much like on cylindrical surfaces,
apical SFs in cells on a surface with negative Gaussian curvature align in a manner that
minimizes their bending. Basal SFs, on the other hand, preferentially align in the
direction in which they are most bent on the SWS surface. This is similar to the basal SF
alignment pattern on cylinders in which this subpopulation aligns along the
circumference of the cylinder (153).
3.3.2

Cells avoid spherical caps unless the curvature is weak
Isolated MEFs were never observed on the positive Gaussian curvature cap of the

SWS. We reasoned that the absence of cells on the SWS cap may be a result of the SF
bending argument described above: On the positive Gaussian curvature surface, there is
no configuration in which the long, apical SFs could avoid bending. Thus, cells are
unable to migrate onto the spherical cap because they are unable to form and maintain
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this SF subpopulation. Consistent with this hypothesis, we found that MEFs were able to
attach and spread on the spherical cap of a larger SWS surface with similar overall
geometry but smaller principal curvatures (Figure 3.6A,B). The apical SFs in these cells
were ~22% shorter than those in cells on the skirts of this surface (Figure 3.6C), a finding
that also supports the resistance to bending argument because the total energetic penalty
for SF bending scales with the length of the SF. On the positive Gaussian curvature
surface, the SFs, forced to bend, may reduce the energetic cost associated with bending
by limiting their length.
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Figure 3.6 Negative Gaussian curvature drives SF subpopulations to align in different directions. (A)
Scanning electron micrograph of large SWS surface. Scale bar is 50 µm. (B) Projections of phalloidin
signals (grey) in cells on a spherical cap and skirt. Red and yellow lines indicate apical and basal SFs,
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Results are mean and SE, ** p ≤ 0.01, *** p ≤ 0.001 (Student’s t-test).
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SF alignment on caps differs from that on skirts. Despite the smaller curvature
magnitudes relative to the small SWS, the apical and basal SF subpopulations in cells on
the skirt still aligned in distinct directions. However, cells on the spherical cap of the
large SWS had a significantly smaller average angle separating the two SF
subpopulations (Figure 3.6D). Thus, in addition to curvature magnitude, the sign of the
Gaussian curvature influences the relative orientation of SF subpopulations.
3.3.3

Negative Gaussian curvature establishes cell polarity and directs migration
Cell motility is intimately connected to actin dynamics and the direction of cell

motion has been linked to the orientation of apical SFs on planar surfaces (55, 148, 157).
To understand how curvature influences cell motility, we used real-time imaging to study
cell migration on SWSs. Primary MEFs expressing Lifeact-GFP, a fluorescent F-actinbinding protein, were cultured on small SWSs and imaged for ~12 hours with a laser
scanning confocal microscope (Figure 3.7A, Movie 2).
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Trajectories based on the cell’s centers of mass were found using the Automated
Detection and Analysis of ProTrusion (ADAPT) plugin for Fiji (156). The positions of
cell centers, converted to polar coordinates with the symmetry axis of the feature as the
origin, are shown as a function of time (dCenter, Figure 3.7B). Cells near the skirts of
SWSs remained in these regions and migrated around the feature in the azimuthal
direction. The large distribution in radial positions at any time point is due to the large
range of cell sizes (~1200 µm2 < projected area < 28000 µm2; see Figure 3.8).
Additionally, none of the cells migrated onto the spherical cap. The cells did extend
lamellipodia onto the cap, but the apical SFs terminated near the line of inflection (i.e.,
the line where the spherical cap transitions to the skirt). We posit that the cells are using
these lamellipodia to probe their environment and find that they are unable to form
adhesions to support the SFs that would allow radial migration onto the cap.
Additionally, these live imaging results further support the idea that the magnitude of the
curvature of the spherical cap on the small SWS is too large to support SF formation and
acts as a barrier to migration. We found no evidence of topographical features, change in
roughness, or gradient in FN concentration near the line of inflection that might have
caused these observed behaviors (Figure 3.9). We do not believe there are gradients in
substrate stiffness along the SWS surface since it is made of a single piece of PDMS.
Additionally, the PDMS composition used in these experiments is very stiff (~3 MPa
(158)) compared to the ranges of stiffness in which durotaxis is typically observed (~103104 Pa) (159, 160).
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Figure 3.8 Size heterogeneity of primary Lifeact-GFP MEFs. (A) Two representative small cells on an
SWS skirt. The left cell is the smallest cell analyzed. (B) Largest cell analyzed on a different SWS skirt.
Grey is Lifeact-GFP. Red concentric circles indicate rings of common height separated by 14 µm in height.
Yellow dashed ring indicates approximate location of line of inflection. Solid yellow lines are cell outlines
generated by ADAPT. Scale bars are 50 µm.

In addition to providing information about the centers of mass, the ADAPT
analysis also identified the cell boundaries at each time point. Plotting the position of the
cell boundary closest to the SWS symmetry axis, dCBP, at each time point revealed that
the cells protruded past the line of inflection with short-lived lamellipodia, but no
protrusion reached onto the top of the spherical cap (Figure 3.7C).
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Figure 3.9 Characterization of SWS surface. (A) Overlaid profilometer scans of a representative SWS
cap. (B) Surface visualization of the data in A. To examine the FN adsorbed to the surface near the line of
inflection, SWS surfaces were scanned in the plane parallel to the surface’s symmetry axis (C, blue plane).
Green represents FN on the surface. (D) A projection of FN slices obtained by scanning the surface in the
direction shown in C.

We next examined the velocities of cell boundaries captured by the ADAPT
analysis and found that cells on skirts establish leading and trailing edges that polarize the
cell in the azimuthal direction. The ADAPT analysis calculated the instantaneous velocity
of the cell boundaries at each time point and generated a visualization showing regions of
the cell that were protruding (i.e., have a positive velocity; green) or retracting (i.e., have
a negative velocity; red) (Figure 3.7A). By taking the average velocity at each boundary
point, we observed that cells on skirts established one protruding edge that was opposite a
retracting edge. An example average boundary velocity plot is shown in Figure 3.7D for
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the bottom cell in Figure 3.7A. This plot is centered on the cell; horizontal displacements
of the contour indicate azimuthal motion, and upward displacements indicate motion
toward the spherical cap. This cell is polarized in the counterclockwise azimuthal
direction with a leading edge on the right side of the plot and a retracting edge on the left
side. On average, cell boundaries protruded little in the directions toward or away from
the cap (Figure 3.7E). The cells established a leading edge in an azimuthal direction with
a positive boundary velocity of approximately 0.007 µm/min that was on the opposite
side of the retracting edge that had an average boundary velocity of approximately -0.01
µm/min. Thus, the negative Gaussian curvature skirt of the small SWS enforces a cell
polarity that establishes a robust azimuthal migration pattern.
3.3.4

Directional migration deviates from apical SF orientation on a negative
Gaussian curvature surface
Previous work on planar surfaces indicates that the direction of cell migration

coincides with the orientation direction of apical SFs (55, 148, 157). The primary
lamellipodium explores the environment immediately ahead of the cell and the SFs
provide the force necessary for forward locomotion. We indeed found that Lifeact-GFP
MEFs tended to migrate in this way on the nearly flat regions between SWS features.
Figure 3.10A and Movie 3 show a representative cell migrating on a near-planar region
of the SWS substrate. The cell initially has its primary lamellipodium and apical SFs
pointed toward the left of the field of view. At that moment, the cell is migrating in
nearly the same direction. Approximately 12 hours later, this cell has turned more than
90˚ in the counterclockwise direction. Its SFs and migration vector are pointed in the
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downward direction. Over the entire time period in which the cell was imaged and
throughout the turning process, the SF orientation and migration vectors pointed in nearly
the same direction (Figure 3.10B).
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the cell’s SFs are oriented in the horizontal direction (blue) and it migrates to the left (red). At t = 12 hr, the
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84

In contrast, the migration direction of cells on skirts differs from the orientation
direction of their apical SFs. Figure 3.10C shows a representative cell on a skirt that has
SFs oriented in the radial direction but migrates in the azimuthal direction. For the
duration of observation, the angle between these two directions, ΩS.F.-Vel., was ~50˚
(Figure 3.10D); this value is significantly greater for cells on skirts than cells on the
nearly planar surfaces (Figure 3.10E). Thus, negative Gaussian curvature alters the
relationship between apical SF orientation and migration direction.

3.4 Discussion
3.4.1

An SWS platform reveals effects of Gaussian curvature on SF alignment
In this chapter, we use a microfabricated substrate called a sphere-with-skirt to

show that macroscale curvature fields with non-zero Gaussian curvature template the
organization of SF subpopulations. The negative Gaussian curvature skirt portion of the
SWS drives radial alignment of apical SFs and azimuthal alignment of basal SFs. These
directions correspond to the maximum and minimum principal curvature directions,
respectively. This effect is dependent on the magnitude of the principal curvatures; no
preferential alignment occurs when the curvature field is weak. This subpopulation
alignment pattern is reminiscent of the pattern observed when cells are cultured on
cylindrical substrates. When cells are cultured on cylinders with sufficiently large
curvature, the two SF subpopulations align along the principal directions of the surface:
the apical SFs align along the axial direction and the basal SFs align along the
circumferential direction.
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It has been suggested that the apical SFs align along the axial direction on
cylinders with small radii in order to minimize their bending; that is, bending of these
long, thick fibers is thought to be energetically costly, so they align along the direction in
which they are least bent (90, 105, 106). On the cylindrical surface, the apical SFs align
along this principal direction, presumably because the curvature in this direction is zero.
We were therefore surprised to find that long apical SFs also align along one of the
principal directions (the radial direction) on the skirt of the SWS; unlike on the cylinder,
the principal curvature in this direction is large. We suspect that these SFs align this way
because they can form straight chords across the concave gap (Figure 3.4B,C). That is,
instead of lying tangent to the surface at all points, these SFs form straight bridges from
focal adhesions at one end to the nucleus or to focal adhesions at the other end. By
separating themselves from the surface, the apical SFs can remain largely unbent.
At each point on the skirt, there are two directions tangent to the surface along
which the curvature is zero locally (Figure 3.4E). If the apical SFs orient to remain as
straight as possible, why do they form radial chords instead of aligning along these zero
curvature directions? The contours of zero curvature on the surface are not straight lines
over lengths comparable to the SFs in Euclidean three-dimensional space. Thus, the
radial chord pattern may be preferred because the apical SFs can remain straight and span
the length of the cell.
Although substrate curvature plays a role in establishing distinct SF subpopulation
orientation, it is not sufficient to explain the alignment patterns. A separate requirement
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appears to precede the minimization of apical SF bending: These SFs sit on top of the
nucleus. On planar surfaces and cylinders, a subpopulation of SFs resides above the
nucleus and is slightly bent; these SFs compress the nucleus and are slightly arced due to
the presence of the short nucleus underneath (24). If long SFs were preferentially aligned
to remain as straight as possible, they would sit beneath the nucleus, directly tangent to
planar surfaces and aligned in the axial direction directly on the surface of cylinders.
Minimization of bending may drive the alignment of apical SFs, but only after the
requirement for localization above the nucleus is met. By escaping the surface on SWS
skirts, apical SFs may relieve compression of the nucleus that is observed on planar
surfaces (24). Thus, substrate curvature may alter nuclear shape and size, events that are
thought to influence gene expression and are disturbed in various types of cancers (161–
167). The LINC complex connects SFs to the nucleus; future analysis of LINC complex
components on the SWS might provide new insight into the role of nuclear contact in
curvature alignment of SFs.
MEFs do not migrate onto the spherical cap portion of the SWS surface that has
large, positive Gaussian curvature. This observation of cell-scale curvature repulsion
complements observations in the literature of geometric responses at other scales. For
example, nanoscale features can repel migrating cells by limiting the formation of mature
focal adhesions (168, 169). On the cell-scale SWS, we hypothesize that the SFs may
inhibit migration onto the spherical cap via the bending argument presented above: There
is no direction in which the apical SFs could be oriented to avoid bending significantly,
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so the cells do not spread or migrate onto this region of the substrate. Live imaging
experiments showed that cells extend lamellipodia onto the cap, but do not form SFs
there. MEFs were able to spread on the positive Gaussian curvature cap of a large SWS
substrate, suggesting that there is a threshold curvature magnitude at which cells can form
and maintain long SFs. On the large SWS substrate, the sign of the Gaussian curvature
guided the relative alignment of SF subpopulations. Apical and basal SFs in cells on
skirts aligned in distinct directions from each other, whereas the subpopulations aligned
nearly in the same direction in cells on the caps. Future work will explore the dependence
of SF subpopulation alignment on the magnitudes of the principal curvatures of a positive
Gaussian curvature surface. By culturing cells on an ellipsoidal cap, we can understand if
positive Gaussian curvature guides SF alignment in a manner similar to that observed on
surfaces with negative Gaussian curvature. We suspect that the SF subpopulations will
align along the principal directions; apical SFs might preferentially align along the
smallest principal curvature while basal SFs align along the largest.
In addition to patterning SFs in a model MEF system, we found that skirts also
oriented SF subpopulations in VSMCs. These cells are recruited to and interact with
surfaces with pronounced negative Gaussian curvature in vivo, such as surfaces formed
by endothelial cells where one blood vessel branches from another (82). Endothelial cells
also experience these curvature fields and may be influenced by macroscale geometric
factors. This result suggests that non-zero Gaussian curvature may be an important cue
for cell patterning in vivo.
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3.4.2

Effects of Gaussian curvature on cell migration
Ventral SFs are implicated in cell migration. Ventral SFs contain myosin II, are

pinned at both ends by focal adhesions, and are thought to be responsible for generating
the traction forces necessary for translocation of the cell body and retraction of the
trailing edge during cell migration (19, 21, 22, 45, 149, 150). Although ventral SFs are
canonically thought to be near the rear and at the basal surface of the cell, recent work
has suggested that both basal and apical SFs are subclasses of ventral SFs (157, 170).
On planar and near-planar surfaces, we and others find that apical SFs align in the
direction in which the cell is migrating (Figure 3.10A and (55, 148, 157)). It has further
been suggested that the large focal adhesions attached to the ends of apical SFs may
establish and maintain cell polarity by stabilizing the primary lamellipodium (55, 157).
Although apical SFs are oriented in the direction in which cells migrate while moving up
skirts, cells on skirts eventually reestablish a primary lamellipodium in the azimuthal
direction and migrate in the direction nearly perpendicular to the direction in which their
apical SFs are oriented. Thus, the curvature of the skirt may cause the basal SFs to
become the subclass of ventral SFs that establishes cell polarity and migration direction
instead of apical SFs. Perhaps the hindrance to migration imposed by the positive
Gaussian curvature cap slows cell movement and allows time for the observed
reorganization of SFs and primary lamellipodium. It is also possible that the radiallyaligned apical SFs contribute to azimuthal movement of the nucleus as others have
observed that the force of actin cables in the direction perpendicular to migration may be
harnessed to propel the nucleus forward via TAN lines (171). Thus, on a negative
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Gaussian curvature surface, basal SFs may drive translocation of the cell body and apical
SFs may serve to move the nucleus in the azimuthal direction. Closer examination of
nuclear movement in live cells will reveal the relationship between SF subpopulations
and translocation of the nucleus.

3.5 Conclusion
Non-zero Gaussian curvature is a prominent stimulus that patterns cytoskeletal
organization and migration. Negative Gaussian curvature surfaces with length scales on
the order of a cell length drive SFs to align along principal directions. Cells tend to avoid
positive Gaussian surfaces unless the curvature is weak. The restructuring of SFs in cells
in response to negative Gaussian curvature precedes repolarization and directs migration
along the surface. These results emphasize the importance of studying cellular responses
to non-planar surfaces and reveal a critical role for curvature in directing actin
organization and the directionality of migration.
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Chapter 4

Edges impose planar alignment in nematic
monolayers by directing cell elongation and
enhancing migration

4.1 Introduction
Cells respond to geometric cues of various length scales and dimension, including
linear fibers, curved surfaces, and fibrous meshes. Physical cues encountered by cells in
vivo have motivated in vitro studies to elucidate how geometries influence cell behaviors.
For example, the diameter of electrospun fibers in the range of hundreds of nanometers to
microns influences cell proliferation, migration, and differentiation (172–175).
Additionally, fibroblasts and vascular smooth muscle cells reorganize their actin
cytoskeletons and migrate in a directed manner in response to surface curvature of
various two-dimensional surfaces (153, 176). Numerous studies address the emergence of
structure in cells in more complex, three-dimensional microstructures, ranging from
microchannels to structured gels, showing the importance of the geometry and dimension
of cell niches on cell migration and organization (65, 177–179).
Even relatively simple planar surfaces provide rich platforms for the study of cell
organization. Cells adhere to these surfaces in vitro when they are presented with
adhesive ligand. The patterning of ligands on surfaces has long been studied as a means
of directing the fate of individual cells (94). More recently, adhesive islands have been
used to study collective cell behavior. Densely packed monolayers of elongated cells,
such as fibroblasts and neural progenitor cells, locally co-align with each other when
cultured in confluent monolayers (124–126, 180, 181). Before becoming overly packed,
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cells remain motile and migrate in ways reminiscent of molecular active nematics. For
example, these systems generate topological defects that are typically ½-integer and these
defects emerge and annihilate with each other over time (182). The monolayers are often
cultured on micropatterned domains. The edges of these domains enforce parallel
alignment of cells near the edge; that is, the edges enforce “planar” (as opposed to
perpendicular) anchoring of the two-dimensional nematic.
While these studies exploit the collective parallel alignment enforced by edges to
study the active nematic characteristics of confluent monolayers of cells, details about
how edges influence cell behaviors are unclear. In this study, we aimed to understand
how edges affect the morphology and migration of both isolated cells and cells within
confluent monolayers.
To generate macroscale edges free of gradients in the concentration of the printed
extracellular matrix protein fibronectin (FN), we used a stamp-off microcontact printing
method. Using this method, we found that isolated mouse embryonic fibroblasts (MEFs)
elongate and migrate along edges even when unconfined. When confined within
confluent monolayers, the edge continues to pattern the morphology and to enhance the
migration of cells near the edge compared to cells far from the edge. We find that
topological defects emerge near corners at which edges with conflicting boundary
conditions meet. The pattern of migration of cells at each edge dictates the type of defect
that appears. Although edges provide a robust alignment cue for cells, we find that cells
in pairs are unable to transmit alignment information to each other for extended periods
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of time owing to their limited body length. Together, these results emphasize the
important role that edges and confinement play in patterning the active nematic order
observed in monolayers of elongated cells.

4.2 Materials and Methods
4.2.1

Cell Culture
Spontaneously immortalized mouse embryonic fibroblasts (MEFs) were cultured

in growth medium containing 10 vol.% FBS, 2 mM L-glutamine, 2.5 µM HEPES, and 50
µg/mL gentamicin. In collaboration with the Burkhardt laboratory at the Children’s
Hospital of Philadelphia, we isolated primary MEFs expressing Lifeact-GFP (155). These
cells were cultured in the same growth medium. All cells were maintained at 37 ˚C and
10% CO2.
To track cell shape over time, immortalized MEFs were infected with adenoviral
mCherry. The mCherry fluorophore was localized to the cytoplasm that had higher
contrast than could be obtained with phase contrast for the analysis of cell shape. Cells in
confluent monolayers were treated with 2 drops/mL of NucBlue (Invitrogen) for 30
minutes prior to imaging. Viability of cells treated with NucBlue decreased after ~6-8
hours, so they were only imaged for a maximum of 6 hours.
4.2.2

Microcontact Printing
The FN-coated regions were created using a stamp-off microcontact printing

method adapted from a standard approach (183, 184) to form well defined edges between
adhesive and non-adhesive domains (Figure 4.1). Briefly, standard photolithography
methods were used to generate an array of 1 mm × 1 mm squares on a silicon wafer.
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Poly(dimethylsiloxane) (PDMS) (Dow Corning) was prepared by mixing elastomer base
and crosslinker at a ratio of 10:1. After degassing to remove bubbles, the liquid was
poured onto the patterned wafer and cured by baking at 95 ˚C for at least two hours. Once
cured, the PDMS was removed and cut into stamps. This process generated stamps with
square holes instead of square pillars, which would typically be used for standard
microcontact printing methods. A second set of flat PDMS stamps was created by curing
PDMS in plastic 35 mm dishes and cutting the solid slabs into pieces slightly larger than
the patterned stamps. To prepare the actual substrates on which cells were cultured, 300
µL of PDMS were leveled in each well of a 6-well plate before curing overnight at 65 ˚C.
All stamps were cleaned by sonication in 200 proof ethanol for 10 minutes. Then,
both sets of stamps were dried under a stream of nitrogen gas. The flat stamps were inked
by pipetting a sessile drop of fibronectin (FN) onto the clean, dry surface. The FN ink
contained a mixture of unlabeled and Alex Fluor 647- or Alexa Fluor 488-labeled bovine
plasma FN (EMD). The labeled FN was prepared using Alexa Fluor 647 or Alexa Fluor
488 succinimidyl ester according to the manufacturer’s protocol (Molecular Probes).
Once sessile drops were added to the flat stamps, the stamps were incubated at 37 ˚C for
one hour. The PDMS-coated 6-well plate and square-hole stamps were treated with
ultraviolet ozone (UVO) for 7 minutes to make the surfaces hydrophilic.
Once the flat stamps had been functionalized with FN for one hour, they were
submerged and rinsed in phosphate buffered saline (PBS). Then, the flat stamps were
dried under a constant stream of nitrogen gas. The dried flat stamps were placed FN side
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up in a separate dish and the UVO-treated square-hole stamps were placed hole side
down onto the flat stamps. Light pressure was applied to ensure proper contact between
the two stamps. The square-hole stamps were removed, leaving behind square islands of
FN on the flat stamps. These flat stamps were then stamped onto the UVO-treated PDMS
in the 6-well plate. Once the stamps were removed, a 0.2% solution of Pluronic F-127
was added to each well to render the regions surrounding the FN islands non-adherent to
cells. The 6-well plate was incubated for 30 minutes at 37 ˚C. After incubation, the wells
were rinsed with PBS and cell culture medium before cells were seeded at the desired
surface density.
Some cells were cultured on unpatterned FN islands for cell pair studies. Instead
of selectively removing FN from Stamp #1 as shown in Figure 4.1C, the unperturbed FN
on Stamp #1 as shown in Figure 4.1B was stamped directly onto the substrate. This
provided a larger area in which to observe cell pairs in the absence of edges.
4.2.3

Imaging
Cells were imaged on an EVOS FL Auto 2 inverted epifluorescence microscope

with an incubated stage (Thermo Fisher Scientific) (University of Pennsylvania Cell and
Developmental Biology Microscopy Core). Isolated cells and cell pairs were imaged with
a 20x objective and confluent monolayers were imaged with a 10x objective. Each square
monolayer was captured in two fields of view that were stitched together in postprocessing.
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4.2.4

Image and Video Analysis
To analyze cell shape over time, images of cytoplasmic mCherry in MEFs

infected with the fluorophore were processed in Fiji. Images were prepared for analysis
by subtracting the background signal, despeckling to reduce noise, and adjusting
brightness and contrast. Then, the Automated Detection and Analysis of Protrusions
(ADAPT) plugin for Fiji was used to track cell shape and orientation (156). Trajectories
of MEFs expressing mCherry were measured from the centers of cell outlines in each
frame. Data from ADAPT were further analyzed and plotted in custom MATLAB scripts.
Trajectories of cells in pairs in longer experiments (~17 hr) were generated using the Fiji
plugin MTrackJ (185). These cells were not treated with NucBlue and the cytoplasmic
mCherry signals of cells in pairs were often indistinguishable due to their close
proximity. Instead of tracking either of these signals, nucleoli visible in phase contrast
movies were tracked manually with MTrackJ.
Analysis of confluent monolayers of MEFs on square islands began by stitching
together two fields of view per square with a custom ImageJ script that utilized the
Pairwise Stitching function (186). Then, movies were rotated and cropped to the FN
boundaries. Fiji was used to adjust the brightness and contrast of the NucBlue images
before binarizing each frame. The Fiji plugin TrackMate was used to track the positions
of binarized nuclei over time (187). Nuclear shape was measured using Fiji’s Analyze
Particles function.
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4.3 Results
4.3.1

Isolated cells elongate and migrate along unconfined edges
To study how cells interact with unconfined edges, we created adhesive

boundaries using a stamp-off microcontact printing method that was adapted from the
standard microcontact printing technique (183, 184) (Figure 4.1). Instead of preparing
stamps with protrusions with the shape of interest (in this case, 1 mm × 1 mm squares),
we made a negative with this shape in PDMS. This negative was used to remove FN from
an initially uniform fibronectin layer on a planar PDMS stamp, leaving behind the desired
shape on this planar layer. This method more reproducibly generated edges with no
apparent gradients in FN concentration. All edges studied here were generated using the
stamp-off method to ensure that the cell responses can be attributed to the edge geometry
and not to concentration gradients, which are known to influence cell migration and
elongation (188). The edges in these experiments are the boundary between the adhesive
fibronectin islands and a non-adhesive sea of adsorbed surfactant (Pluronic F-127).
We studied the shape of MEFs interacting with edges by infecting them with
adenoviral mCherry. Infected cells expressed the fluorescent protein in the cytoplasm and
were imaged for ~17 hours (Figure 4.2). We found that isolated cells that encountered
edges were significantly more elongated than cells in the bulk of the FN islands (Figure
4.2B). While others have shown that cells elongate along microcontact printed stripes that
confine the cells on two sides (24, 92, 93), here we find that the presence of a single edge
is sufficient to induce cell elongation.
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Figure 4.1 A stamp-off microcontact printing method creates edges free of FN gradients. (A) A flat
PDMS stamp (Stamp #1) is inked by placing a sessile drop of labeled FN (green) on its surface. (B) A
second stamp (Stamp #2) with holes of the shape of interest is treated with UV ozone to make the surface
hydrophilic. Short black lines indicate hydrophilic regions of the surface. Stamp #2 is pressed onto Stamp
#1. (C) Upon separation of the two stamps, FN from Stamp #1 is removed where the stamps were in
contact. (D) The remaining FN on Stamp #1 is stamped onto a UV ozone-treated PDMS substrate. (E) The
substrate surface is submerged in a solution of blocking surfactant (pink). (F) Cells (blue) are cultured on
the printed substrate. The interface between FN and the blocking surfactant is the edge experienced by
cells. (G) Representative edge generated using stamp-off method. Green: Alexa Fluor-488-labeled FN.
Scale bar is 50 µm.

In addition to altering cell shape, edges also direct migration and trap cells in their
vicinity. By tracking the center of the mCherry signal in infected cells, we found that
cells at edges migrate in the direction parallel to the edge (Figure 4.2C,D). In Figure
4.2D, cell centroids were tracked from the moment they contacted the wall until they left
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the field of view or the movie ended. The trajectories were shifted so that they start at y =
0 µm at t = 0 min. Although some cells left the edge after interacting with it (arrow,
Figure 4.2D), most cells remained near the edge for extended periods of time. To
quantify this tendency to move along edges, we plotted normalized distributions of cell
displacements in two orthogonal directions (Figure 4.2E,F). Cells in the bulk of islands
showed no difference in their displacement distributions in the horizontal (⟂) or vertical
(||) directions, indicating that they have no preferential migration direction. Cells at edges,
on the other hand, showed distinct displacement distributions in the directions
perpendicular and parallel to the edge direction. Displacements from the original position
in the direction perpendicular to the edge remained small even at long lag times. In the
direction parallel to the edge, displacements grew quickly with lag time, indicating that
cells moved greater distances along the parallel direction than the perpendicular direction.
Thus, a single, simple adhesive boundary guides migration.
These findings are supported by differences in the mean square displacement
(MSD) of cells in the bulk and cells at edges (Figure 4.2G). The MSDs in the horizontal
and vertical directions for cells in the bulk were linear and had similar slopes of ~2.2
µm2/min. The MSDs were linear for cells at edges as well, but the slopes in the two
orthogonal directions were different: in the direction parallel to edges, the slope was 4.7
µm2/min and in the perpendicular direction, the slope was 0.9 µm2/min. These results
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reinforce the finding that cells move primarily along the edge direction, rather than away
from it. These data also reveal that the cells do not move with a persistent or ballistictype migration pattern along edges. Additionally, we find that edges enhance cell speed
anisotropically (Figure 4.2H); isolated cells move faster along edges than they move in
the bulk. The speed data also indicate that cells tend to be trapped near edges; they have a
significantly lower speed in the direction perpendicular to the edge. Thus, edges have a
profound impact on isolated cell shape, migration direction, and speed despite the fact
that cells that encounter edges are unconfined and have the ability to migrate away from
the edge and into the bulk.
4.3.2

Cell pairs far from edges only transiently and weakly transfer alignment
signal
In confluent monolayers, elongated cells such as fibroblasts co-align with each

other locally. We next aimed to understand how cells transmit alignment information to
each other. Can cells align along each other in the way that they align along edges? To
approach this question, we studied pairs of MEFs that were isolated from other cells as
well as boundaries.
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Figure 4.2 Edges induce elongation and enhance migration of isolated MEFs. (A) MEFs expressing
mCherry (red) cultured on microcontact-printed islands of FN (green). Yellow lines indicate trajectories of
the cell centers of mass over ~6 hr. Scale bars are 30 µm. (B) Aspect ratio of ellipses fit to cytoplasmic
mCherry signals. Trajectories of mCherry-infected MEFs in the bulk (C) and at edges (D) of FN islands.
Longest duration = 14 hr. Arrow indicates a cell that left the edge. Normalized probability distributions for
displacements of cells in the bulk (E) and cells at edges (F) for three lag times, τ. ⟂, direction perpendicular
to edge; ||, direction parallel to edge. (G) Mean square displacement (MSD) plots in the perpendicular and
parallel directions for cells in the bulk and cells at edges. (H) Speed of mCherry-infected MEFs in the bulk
and at edges. Values are mean ± SEM. 44 cells analyzed in each environment.

By tracking the cytoplasmic mCherry signal of infected MEFs, we found that
most cells in pairs stayed near each other over the roughly six hour experiments:
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Approximately 83% of cell pairs were separated by < 50 µm on average and 42% never
separated from each other at all (Figure 4.3A). These cells remain in close contact and
can transmit alignment information to each other. To determine the extent of cell coalignment, we again used nuclear orientation as an indirect marker of cell orientation. We
measured the angle separating the two nuclei averaged over the duration of the movie
after the cells first made contact and found a broad distribution of separation angles
(Figure 4.3B). These data suggest that the cells do not strongly co-align with each other
over a time scale of roughly six hours.
However, closer examination of individual migration patterns revealed that there
were transient periods of co-alignment in some cell pairs. Over time, the nuclei of many
cell pairs changed from a parallel arrangement to a perpendicular one, indicating that the
relative orientations of the cells can change significantly within six hours (Figures 4.4
and 4.5). Roughly 30% of cell pairs examined migrated around each other, some forming
interwoven spiral trajectories (Figure 4.3C). These elongated cells co-aligned when their
long edges were in contact, but co-alignment was lost once one cell passed around the
short edge of the other. Once past the short edge, the cells then co-aligned again along
their long edges. Although they might co-align temporarily, most cells in pairs (> 75%)
are unable to co-align with each other over extended periods of time and confinement
within larger, dense monolayers or by an edge appear to be a requirement for robust coalignment.
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Figure 4.3 Cells in pairs only transiently co-align. (A) Mean minimum separation distance of
cytoplasmic mCherry signals of cells in pairs. 36 pairs analyzed in two independent experiments. (B) Mean
angle between the orientations of the long axes of NucBlue-stained nuclei. 44 pairs analyzed in two
independent experiments. (C) Three frames of a phase-contrast movie showing the morphology of two cells
migrating around each other. Cell 1: circle in warm colors. Cell 2: triangle in cool colors. Gradient from
dark to light shades indicates cell position over time (see scale in bottom left).
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Figure 4.4 Nuclear orientation is a reasonable indicator of cell body orientation. (A) Representative
phase contrast image of mCherry-infected MEFs on microcontact-printed FN island with NucBlue-stained
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Figure 4.5 Relative nuclear orientation in cell pairs varies significantly over time. (A) The maximum
and minimum angle difference between the two nuclear orientation angles for cells in pairs. The red circle
indicates the cells that were both nearly parallel and perpendicular to each other for at least a short period
of time during the experiment. (B) Angle difference between the two nuclei vs. time for an example cell
within the red circle in A.

4.3.3

Edges enhance elongation and migration of cells in nematic monolayers
To probe nematic alignment, we study cells in confined confluent monolayers.

Microcontact printed edges are known to impose a planar boundary condition for
elongated cells in confluent monolayers; that is, cells near edges align parallel to the edge
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direction (124, 180, 181). We showed in Figure 4.2 that edges can also influence cells to
elongate and migrate along them for otherwise unconfined, isolated cells and aimed to
better understand their effects on densely packed cells.
We studied confluent monolayers of MEFs on 1 mm × 1 mm square islands of
FN. It was not possible to measure the shape of individual cells by infecting them with
mCherry as described above because the cytoplasm signals from neighboring cells
overlapped and made outlining each cell challenging. Instead, cells were treated with
NucBlue, a blue DNA stain that labeled the nuclei of the living cells (Figure 4.6). The
nuclei of neighboring cells typically remained separated from each other, facilitating the
analysis of each cell within the monolayer (Figure 4.6B). We used the orientation of the
elongated nuclei as an indirect measure of the orientation of cells (Figure 4.4).
Edge proximity strongly influenced nuclear orientation. Nuclei within 50 µm of
an adhesive boundary aligned along it (Figure 4.6C). This alignment decayed with
distance; the orientation angles of nuclei far from edges were uncorrelated (i.e., the
alignment angle approached 45˚), indicating that the edge no longer influenced
alignment. These data are consistent with results showing cell alignment at edges using
phase contrast images of monolayers. Here, we analyze the orientation of each nucleus
(and, indirectly, each cell) and find that the edge has a strong influence on nuclear
orientation over a distance of hundreds of microns, consistent with results based on phase
contrast images of monolayers (124).
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In addition to patterning orientation, edges also influence nuclear shape. The
nuclei of cells within 50 µm of an adhesive boundary were more elongated than nuclei
farther away (Figure 4.6D). Thus, edges promote both co-alignment of nuclei with the
edge and nuclear elongation.
To assess whether the faster migration along edges observed for isolated cells
persisted in confluent monolayers, we studied the migration of cells within monolayers
using the NucBlue signal and the Fiji plugin TrackMate. These data indeed reveal that
edges generate a slip layer in which cell speed is significantly enhanced (Figure 4.6E).
This effect diminished over a short distance: Cells within ~50 µm of the edge migrated
10% faster than cells within 50-100 µm from the edge. Thus, microcontact printed edges
strongly alter nuclear orientation, shape, and speed even for cells confined within nematic
monolayers.
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Figure 4.6 Edges influence morphology and migration of nearby cells in confluent monolayers. (A)
Phase contrast image of a nematic monolayer on a 1 mm × 1 mm FN island. Edges of the image are edges
of the island. Scale bar is 100 µm. (B) Binarized image of nuclei of cells in A stained with NucBlue.
Colored lines indicate trajectories of each nuclei over 6 hr. (C) Angle of nuclei relative to the nearest edge
vs. distance to that edge. Aspect ratio (D) and speed (E) of nuclei vs. distance from nearest edge. 20
squares analyzed in two independent experiments. Mean ± SEM.

4.3.4

Migration pattern dictates topological defect formation at corners
Topological defects emerge within the nematic monolayers of MEFs (Movie 4).

Within the bulk of the FN islands, these defects are half-integer, as predicted by theory
(189) and shown in other monolayer systems (125, 180, 181). In these studies, cells were
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cultured on circular or long stripe micropatterns that do not induce the formation of
defects near the edges naturally.
The four corners of the square geometry on which we culture cells are locations at
which defects occur. Since both of the edges that meet at a right angle at a corner enforce
alignment parallel to the edge, the director n cannot be specified at the corner. The
nematogens (cells, in this case) attempt to satisfy both boundary conditions by bending or
splaying the director field to form defects with winding numbers of -1/4 or +1/4,
respectively (Figure 4.7).
We tracked the nuclei of confluent MEFs near corners and found that the relative
flow directions at each edge control the type of defect that emerges when they meet at the
corner. If the cells at both edges migrate in the same direction (i.e., both migrate in the
clockwise or counterclockwise direction), then a -1/4 defect is most likely to emerge at
that corner (Figure 4.7D and Movie 5). If instead the cells converge at a corner, then a
+1/4 defect is most likely to emerge. Thus, the local flow field of cells migrating near
edges controls the formation of topological defects.
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Figure 4.7 Migration near corners influences defect formation. (A) Diagram showing bend and splay
deformations with -1/4 and +1/4 winding numbers, respectively, that satisfy the conflicting boundary
conditions at corners. (B) Phase contrast (left) and binarized image of NucBlue-stained nuclei (right) of 1/4 defect at the top left corner of the images. Yellow arrows indicate the migration directions of cells at
each edge. (C) Phase contrast (left) and binarized image of NucBlue-stained nuclei (right) of +1/4 defect at
the bottom left of the images. Blue arrows indicate the migration directions of cells at each edge. (D)
Distribution of relative migration directions at edges that meet at corners and the types of defects that
emerge at those corners.
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4.4 Discussion
The emergence active nematic order in cell monolayers on planar domains has
been reported for various types of elongated cells, including fibroblasts, melanocytes,
osteoblasts, and neural progenitor cells (124, 125, 180, 181). In many of these cases, cells
confined within adhesive regions were observed to align along the edges of the domains.
In this chapter, we show that edges play a role in establishing active nematic behavior of
cells beyond simply providing a static planar anchoring. We find that edges enhance the
alignment and migration of cells that are isolated as well as those confined within
confluent monolayers. Even when compressed against the edge by their neighbors, cells
in confluent monolayers that are near edges migrate faster than their counterparts far
from edges.
This dynamic boundary condition has important implications in the formation of
topological defects. At corners, for example, we found that the local flow pattern dictates
whether -1/4 or +1/4 defects emerge. So far, defects within nematic monolayers have
been studied upon their spontaneous generation and annihilation in the bulk of the tissue
(180, 181). We show that edges can be used to reproducibly generate defects at precise
locations and with predicted topological charge. Using simple microcontact printing
techniques, edge and corner geometry can be varied to elucidate the mechanisms of
defect formation in cell monolayers.
In addition to providing a valuable experimental tool for studying the active
nematic behavior of mammalian cells, macroscale edges may serve as useful tools for
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tissue engineering. The traction forces generated by mouse fibroblasts have been used to
fold thin pieces of thin elastomeric plates in “cell origami” (190). The SFs within these
cells contract along the long axis of the cell body and generate forces sufficiently large to
fold plates into cubes and various other shapes. Using edges to guide alignment and the
intrinsic co-alignment properties of cells within monolayers, large anisotropic forces
could be generated in predictable patterns. Further studies of edges and nematic
monolayers will thus not only shed light on how cells interact with physical cues within
their environments, but may also provide guidelines for patterning cells over long
distances (hundreds of microns) for engineering applications.
The question of how cells transmit alignment information to each other remains
open. We found that cells in pairs can transiently transfer alignment information to one
another, but their co-alignment is short-lived. The cells appear to act as soft, active edges:
The cells remain in contact with each other and attempt to align with each other, but they
are both migrating and rearranging so that co-alignment is not maintained for an extended
period of time. Future work will reveal the role of confinement within monolayers on coalignment of cells. How many cells in a nematic monolayer “droplet” are required to
enforce strong co-alignment at the center? This knowledge will provide insight into the
origin of nematic behavior in cellular monolayers as well as guiding principles for
organizing cells over long distances in tissue-engineered constructs.
The molecular and microstructural mechanisms behind the emergence of coalignment within nematic monolayers as well as edge alignment are unclear. We suspect
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that the actomyosin machinery, which has been implicated in cellular sensation of surface
curvature, may play an important role in establishing nematic order and responding to
edges. Fibroblasts and VSMCs respond to these curvature cues by aligning two distinct
populations of SFs along the principal axes of the surface (Chapter 3 and (153, 176)).
These bundles of F-actin are attributed to both the elongated cell shape and motility (30).
We suspect that SFs and other components of the actin cytoskeleton may play an
important role in the observed alignment and migration responses to edges. A cell
approaching and making contact with an edge must alter its polarization direction
because it is unable to continue protruding its primary lamellipodium past the edge. The
cell is likely to establish a new lamellipodium in one of the two directions parallel to the
edge. Long-lived focal adhesions and their associated SFs may then form in response to
this new direction, aligning themselves and the cell body in the parallel direction. Future
experiments using Lifeact-GFP cells will reveal the dynamics of the actin cytoskeleton in
response to contact with edges.

4.5 Conclusion
Edges of microcontact printed islands serve as important boundary conditions for
cells. Our results suggest that the planar anchoring at edges observed in nematic
monolayer systems is imparted even on isolated cells. Edges not only induce cell
elongation, but also increase migration speed of both isolated cells and cells within
confluent, nematic monolayers. The migration patterns near edges can be used to form
bend and splay distortions within the two-dimensional nematic. Thus, cell alignment
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patterns can be predicted by theory of nematics and controlled over distances of hundreds
of microns using simple adhesive boundaries.
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Chapter 5

Summary and Outlook

This dissertation has revealed that macroscale curvature and edges are prominent
cellular cues that guide cell alignment, pattern cytoskeletal organization, and direct
migration. Chapter 2 showed how the curvature of a simple cylindrical surface influences
the alignment of MEFs and hVSMCs as well as their SFs. Two distinct subpopulations of
SFs aligned in orthogonoal directions along the principal directions of the surface in a
manner that depended on the curvature magnitude as well as the level of Rho activity. In
Chapter 3, we saw how these SF subpopulations also aligned along the principal
directions of a negative Gaussian curvature surface. SFs aligned robustly on the negative
Gaussian curvature portion of an SWS surface, but cells avoided the positive Gaussian
curvature cap. Instead, MEFs migrated in the azimuthal direction around the SWS feature
in a manner distinct from the migration pattern on planar surfaces. Finally, we revealed in
Chapter 4 that microcontact printed edges alter cell shape and direct migration. When
cells form confluent monolayers on printed islands, these edges set strict boundary
conditions that enforce the formation of topological defects at corners. These biophysical
studies provide new insight into how cells sense and respond to the shape of their
environment.
This chapter discusses open issues and provides a perspective on the field. New
curvature fields and experiments for addressing said issues are proposed. Issues and
insight concerning the molecular mechanisms of geometry sensing and the response of
other cell types to curvature are also discussed. In a separate section, this work is viewed
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through a lens of soft matter physics. Finally, we address the application of the
biophysical insights demonstrated in this work in various engineering contexts.

5.1 New curvature fields will reveal dependence on curvature types
Some of the key experiments of Chapters 2 and 3 revealed that apical and basal
SFs align along the principal directions of surfaces with both zero Gaussian curvature
(cylinders) and negative Gaussian curvature (SWS skirts). In both of these studies, the SF
populations aligned along the principal directions in a manner that depended on the
magnitude of the principal curvatures: Their alignment increased with the magnitude of
the principal curvatures. From these experiments, it is not readily apparent that cells align
in response to Gaussian curvature in particular.
Some SF alignment results were reported in terms of deviatoric curvature, which
is the difference between the two principal curvatures. Surfaces that have no difference in
principal curvatures (i.e., zero deviatoric curvature) are isotropic and thus finite
deviatoric curvature is required in order to observe preferential orientation along any
direction. However, both Gaussian and deviatoric curvatures vary along the SWS skirt, so
it is unclear from these experiments if deviatoric curvature itself drives SF alignment.
As an example, let us first focus on the curvature alignment of the basal
subpopulation of SFs. On cylinders, basal SFs wrapped in the circumferential direction.
On SWS skirts, they wrapped in the azimuthal direction. In both of these cases, as
mentioned above, the alignment strength was dependent on curvature magnitude. Thus, it
appears that basal SFs preferentially align in the direction of maximum convex curvature;
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that is, they align so as to be as bent as possible. That these SFs aligned in this manner on
a surface with zero Gaussian curvature as well as one with negative Gaussian curvature
suggests that Gaussian curvature is itself not the geometric factor driving alignment.
Instead, the basal SFs may simply seek out and align along the maximum concave
curvature direction.
A number of different surfaces could be employed to more precisely identify the
particular surface properties that drive this alignment phenomenon. The simplest in
concept is perhaps a positive Gaussian curvature cap with two different principal
curvatures (Figure 5.1). Since the two principal curvatures are equal at any point on a
perfectly spherical cap, this special case is not particularly useful for this study. By
systematically changing the two principal curvatures of an ellipsoidal cap, one can more
convincingly examine the hypothesis that basal SFs align along the direction of
maximum convex curvature.
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Figure 5.1 Ellipsoidal caps. (A) A spherical cap. On this surface, there is no preferential direction along
which basal SFs could align because the two principal curvatures are equal. (B) An ellipsoidal surface with
Rcurv,1 = 200 µm and Rcurv,2 = 40 µm. (C) An ellipsoidal surface with Rcurv,1 = 200 µm and Rcurv,2 = 10 µm.
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At one extreme, one principal curvature can be made to approach zero and the
other varied. This experiment was shown in Chapter 2; cylinders are effectively a special
case of this ellipsoidal cap surface with one infinitesimally small principal curvature.
There, we saw that basal SFs align in the circumferential direction in a manner that
depended on the curvature magnitude (i.e., cylinder radius). Basal SFs aligned strongly
on cylinders with Rc = 40 µm and their alignment was weak on those with Rc = 200 µm.
A finer systematic study using several intermediate radii could reveal the relationship
between basal alignment strength and curvature. The shape of this dependency and/or its
derivative could be used as a metric of the sensitivity of alignment to curvature on this
particular surface.
Another interesting ellipsoidal surface experiment would be one in which one
principal curvature is slightly above the range that is known to induce alignment, while
the other principal curvature is systematically increased above this value. For example, an
ellipsoidal cap could be created with one principal radius of curvature of Rcurv,1 ≈ 200 µm
and the other Rcurv,2 ≈ 40 µm (Figure 5.1B). Would the basal SF alignment be as
pronounced along the second principal curvature direction on this model surface as it was
in the circumferential direction on a cylinder with Rc = 40 µm? This experiment could
help reveal if the alignment of basal SFs is simply dependent on convex curvature
magnitude or if some other surface property that depends on both principal curvatures
plays a role. For example, the basal SFs may not align as strongly in the second principal
curvature direction on this ellipsoidal surface compared to the cylinder because the first
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principal curvature is also convex and may attract basal SFs to some extent. The
alignment sensitivity metric described above could be valuable in quantifying this effect.
If there is any deviation in the alignment sensitivity on the ellipsoidal surface compared
to the cylinders, then the hypothesis is incorrect and Gaussian or deviatoric curvature
may be fundamentally important in curvature alignment of basal SFs.
A final case of interest for this study is another extremum: a surface with one
principal curvature that approaches sub-cellular length scales. Here, the ultimate question
is if there is an upper limit to the curvature around which basal SFs will bend. This
experiment is most easily performed on cylinders, but one limiting factor for cylinders is
that the cell could wrap around and intersect itself. To avoid this self-intersection issue,
an ellipsoidal cap which effectively approaches a knife edge could be used (Figure 5.1C).
Dunn and Heath showed that ridges at an angle of only 32˚ could disrupt the cytoskeleton
of fibroblasts that were spread across the ridge (90). This suggests that there may be an
upper limit to the curvature that SFs can sustain, but the fact that they used a sharp corner
(that has effectively infinite curvature) and they did not resolve SF subpopulations make
the proposed experiment useful. By systematically increasing the curvature of an
ellipsoidal surface, the precise curvature at which basal SFs no longer follow the surface
contour can be elucidated.
As was discussed in Chapter 3, getting isolated cells onto positive Gaussian
curvature caps with appreciable curvature magnitude is not trivial. We observed that cells
migrating up SWS surfaces were repelled by the spherical caps. Although we did not
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observe this type of migration event, it is not impossible for cells to spread on this cap
surface. By seeding cells at high density, for example, we observed cells spread on the
caps (Figure 5.2). It is not surprising that we did not see cells on the caps in the
experiments presented in Chapter 3 because we intentionally seeded cells at very low
density in order to eliminate any confounding effects of cell-cell contact and because the
total cap surface for all SWS features compared to the total substrate surface was
extremely small (0.6%). A cell would have to land from suspension exactly on top of one
of the caps in order for us to see a cell on a cap since they are unable to migrate onto the
cap. To increase the chance of observing cells in the ellipsoidal cap experiments
described above, a higher density of features could be created. Seeding at high density
may be inadvisable because cell-cell contact is likely to influence cell and SF alignment,
confounding any effect of curvature-dependent alignment.

Figure 5.2 Monolayers of MEFs on SWSs. Three representative monolayers. Scale bar: 100 µm.

Apical SFs appear to also align in a distinct, curvature-dependent manner. On
cylindrical surfaces with Rc = 40 µm, apical SFs align strongly along the axial direction.
In 1976, Dunn and Heath reported that elongated cells aligned along the axial direction
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on similar, small-radius cylinders (90). They suggested that these cells might align axially
in order to minimize the bending of their SFs. In Chapter 3, we showed that there are
indeed axially aligned SFs and that these SFs are apical. Interestingly, the apical SFs in
cells on SWS skirts aligned along a principal direction of the surface, which for this
negative Gaussian curvature surface was a direction in which the curvature was maximum
and concave. These SFs remained nearly straight despite aligning along this large
principal curvature by lifting off of the surface and forming chords across the concave
gap. Apical SF alignment appears to follow a similar alignment rule to basal SFs but with
some distinct differences: They align along the direction of maximum concave curvature.
Studying apical SF alignment on the ellipsoidal surfaces described above could
provide important insight into the properties and alignment patterns of this subpopulation
of SFs. On a surface with positive Gaussian curvature, there is no direction in which
these SFs can remain unbent. This appears to not be an issue if at least one of the
principal curvatures is sufficiently small (≤ ~1/200 µm-1). For example, on planar
surfaces (i.e., a surface with two infinitesimally small principal curvatures) and cylinders
(i.e., a surface with one infinitesimally small principal curvature), apical SFs are not
perfectly straight because they must arc over the top of the nucleus while being pinned at
both ends by FAs near the cell periphery, yet they form robustly. By culturing cells on the
ellipsoidal surfaces, one can examine the hypothesis that apical SFs must remain unbent
(at least, to some extent). We have cultured MEFs and hVSMCs on spherical caps
(Figure 5.2), but have not determined if the visible SFs are apical in these cells on a cap
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with Rsphere = 85 µm. By systematically decreasing the radius of curvature of the spherical
caps on which cells are cultured, one can determine if there is an upper threshold to the
curvature that the apical SFs can withstand.
If using an SWS surface, the radius of the spherical cap will eventually become
smaller than the cell length scale and the nucleus (and its associated apical SFs) can avoid
the cap while a part of the cell is on the cap. To avoid this issue, cells can be cultured on
complete spheres. Preliminary experiments using PDMS spheres showed that MEFs can
indeed be cultured on spheres (Figure 5.3). One significant challenge is achieving
homogenous FN functionalization of the surface. The spheres were incubated in a
solution of labeled FN within a tube that was slowly rotating in an attempt to achieve
even functionalization of the surface. This rotating process appears to have made the
surface splotchy; these defects in the adhesive ligand may confound any curvature
alignment conclusions since gradients in FN can alter cytoskeletal organization and
migration (56, 57). A disadvantage of using complete spheres for this study is the same
issue that is encountered for cylinders: As the spheres become small, a single cell on the
surface may wrap around the sphere entirely and intersect itself. Nonetheless, this cell
culture platform may prove useful for this study when Rsphere > ~20 µm.
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Figure 5.3 Cells on PDMS spheres. (A) Experimental setup for culturing cells on PDMS spheres.
Suspended cells are added to a 4 mL tube containing spheres in culture medium. The tube is securely
capped, attached to a slow electric motor, and placed in the incubator. (B) Maximum intensity projection of
a confocal scan of MEFs on one half of a PDMS sphere. Green: Alexa Fluor 488-labeled FN; red:
phalloidin:TRITC. Scale bar: 100 µm.

An open question remains: Does SF alignment depend on Gaussian curvature or
deviatoric curvature? The alignment angle of both SF subpopulations in cells on SWS
skirts was plotted against deviatoric curvature in Chapter 3 (Figure 3.4F), but a similar
trend emerges if the angles are plotted as a function of Gaussian curvature (Figure 5.4),
although the points are collapsed at small Gaussian curvature and are harder to see. Thus,
it is unclear whether alignment depends on either one of these quantities.
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Figure 5.4 Apical and basal SF alignment scatter plot as a function of Gaussian curvature
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An ideal experiment to test this idea involves quantifying the alignment of SFs in
cells cultured on a surface with constant Gaussian curvature but varying deviatoric
curvature. Although a variety of surfaces with constant negative Gaussian curvature are
known, such as the pseudosphere, Dini’s surface, Keun surface, and breather surface,
many would be difficult to fabricate at the length scales appropriate for cell culture. One
surface of revolution that is feasible is a type of hyperboloid that is discussed extensively
in the book by Gray et al. (191). This hyperboloid takes the form
x (u, v ) = (ϕ ( v ) cos u,ϕ ( v ) sin u,ψ (v )) ,

where
ϕ ( v ) = b cosh

v
,
a

v/a

ψ (v ) =

∫

a 2 − b 2sinh 2tdt ,

0

0 ≤ u < 2π ,

and
−a arcsinh

a
a
≤ v ≤ a arcsinh .
b
b

For b = constant > 0, this surface has constant Gaussian curvature every point on
its surface equal to
K =−

1
a2

but varying deviatoric curvature (Figure 5.5). Cells could be cultured on this surface and
a scatter plot similar to Figure 3.4F could be generated to understand how SF
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subpopulation alignment depends on deviatoric curvature. This property of the curvature
field is valuable: on a single surface, many cells can be evaluated to fill out this type of
plot. This minimizes the number of unique surfaces that must be designed and
manufactured to fill out this parameter space.

b=1

b=3
Deviatoric Curvature

b = 1/3

Figure 5.5 Hyperboloid surfaces with constant negative Gaussian curvature. For each surface, a = 1
and b is listed above the plot. The Gaussian curvature is constant along each of these surfaces and is equal
to K = -1/a2 = -1. Additionally, all of these surfaces have the same Gaussian curvature as each other. The
color indicates the deviatoric curvature at each point on the surface.

The parameters of this surface can be tuned to ask additional questions. The
Gaussian curvature depends on a only, so a family of surfaces can be generated that not
only have constant Gaussian curvature at every point but also have equal Gaussian
curvature between surfaces (Figure 5.5). One disadvantage of this surface is that it is
bounded. Having two edges at the top and bottom of this surface is unavoidable. Since
edges strongly influence alignment (Chapter 4), this may be a confounding factor.
Fortunately, the parameters a and b can likely be tuned in such a way that cells can
interact with a meaningful range of deviatoric curvatures without encountering these
edges.
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These types of hyperboloids may be useful for determining if there is a lower
bound to the length that apical SFs will achieve. On negative Gaussian curvature skirts,
we found that apical SFs form chords across the concave gap. We suspect that apical SFs
would also form chords along the concave principal direction on hyperboloids, but on
some surfaces, such as the one shown in Figure 5.5 with b = 3, the maximum distance
that a chord-forming apical SF could form may be very short. We suspect that apical SFs
may not align along the concave principal direction on this type of surface because they
would prefer to be long. Many apical SFs set the shape of the cell by establishing many
of the mature FAs that pin the cell periphery to the substrate. These SFs thus regulate cell
spread area. If the cell must maintain a relatively constant cell volume, then these apical
SFs may not form chords and may instead align in a direction closer to the concave
principal direction. On these kinds of extreme hyperboloids, the concave principal
curvature is quite small; thus, apical SFs may have little problem aligning along this
direction. An alternative outcome is that the basal SFs determine cell shape and volume
on these surfaces instead of apical SFs. In this case, apical SFs may form very short
chords or disappear altogether.
An additional surface that could be used to explore the hypothesis that apical SFs
align along the maximum convex curvature direction is an inverted SWS; that is, a
surface in the shape of an SWS that makes a hole instead of a bump (Figure 5.6). On this
surface, the negative Gaussian curvature skirt smoothly transitions to a spherical bowl
instead of a cap. This surface is similar to the protruding SWS surface in that it also has
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regions with positive and negative Gaussian curvature, but key differences may lead to
dramatically different SF alignment and migration patterns. For example, apical and basal
SFs may align in directions orthogonal to their alignment direction on the protruding
SWS (Figure 5.6C). On the negative Gaussian curvature skirt, the concave principal
direction is in the azimuthal direction, whereas on the protruding SWS, it was in the
radial direction. Thus, apical SFs may form chords across the concave gap on this
surface, but they will be oriented in the azimuthal direction. Similarly, the convex
principal direction is in the radial direction on the inverted SWS; if basal SFs always
align along the direction of maximum convex curvature, they will align in the radial
direction.
Migration from the skirt onto the spherical bowl may be possible on the inverted
SWS surface. We suggested in Chapter 3 that MEFs cannot migrate onto the caps
perhaps because they would be unable to maintain straight apical SFs on the cap. If this is
the case, the cells may not be repelled by the spherical bowl because the apical SFs could
form chords across the concave gaps (Figure 5.6C).
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Figure 5.6 Inverted SWS. (A) Standard SWS (B) Inverted SWS. The SWS shape that protrudes from the
plane in A now makes a hole in the plane. (C) Predicted apical and basal SF alignment patterns on inverted
SWS. A corner of the surface in B has been removed to facilitate seeing SF configuration. The surface
color gradient indicates z-position (increasing height from purple to green). Red cylinders are apical SFs
and yellow cylinders are basal SFs.

The direction in which cells would migrate on an inverted SWS skirt is unclear.
We (Chapter 3) and others (55) showed that MEFs migrate in the direction in which their
apical SFs are oriented on flat surfaces. When MEFs encountered the spherical cap, their
apical SFs remained oriented in the radial direction, but they migrated in the azimuthal
direction. On the inverted SWS, apical SFs are predicted to align in the azimuthal
direction. MEFs thus may migrate in the azimuthal direction. Migration onto the cap may
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occur but may be driven by basal SFs; apical SFs would have to align in a highly curved
convex direction in order to drive migration onto the cap.
Preliminary attempts were made to fabricate an inverted SWS, but the complete
curvature field was not replicated satisfactorily. An important final step in creating the
protruding SWS is spin coating a thin film of liquid PDMS across the entire surface. This
fills any grooves and gaps that form during earlier processing steps and make the surface
smooth. We were able to study the influence of the macroscale curvature of the SWS by
smoothing the surface in this manner and eliminating these potentially confounding
microscopic topographical features. However, spin coating liquid PDMS on an inverted
SWS surface fills the holes, leaving a very shallow SWS-like surface. To overcome this
issue, a new method will need to be developed to accurately reproduce the SWS
geometry while eliminating any topographical cues that could influence SF alignment
and migration.
The alignment of basal SFs on a concave, positive Gaussian curvature surface like
the cap of an inverted SWS is an open question that is difficult to predict. We have
observed so far that basal SFs preferentially align along the direction of maximum
convex curvature. How will these SFs align when there is no direction of convex
curvature? On concave surfaces, apical SFs form chords across gaps by pinning
themselves to an FA at one end and either the nucleus or another FA at the other end.
Many basal SFs also appear to be pinned at both ends by FAs and thus may also form
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chords across concave gaps. These SFs tend to be much shorter than apical SFs, though,

SF Length (µm)

and it may be difficult to see if they are actually forming chords (Figure 5.7).
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Figure 5.7 Apical SFs are longer than basal SFs in MEFs on SWS skirts. ncells = 45. Mean ± SEM. ***
Student’s t-test with p < 0.001.

Culturing cells inside of a cylinder is another way to evaluate the alignment
pattern of basal SFs on a surface that lacks convex curvature. Preliminary experiments
were performed by flowing suspended cells into glass cylinders or cylindrical PDMS
holes made by casting PDMS around glass cylinders. The first major challenge is the lack
of nutrient transport in the absence of flow. Because the volume of medium inside of the
cylinders was so small and the only means of nutrient replenishment was through
diffusion, cells did not receive sufficient nutrients to survive overnight incubation. These
effects were enhanced when culturing cells inside small, high-curvature cylinders.
Nutrients could be replenished by flowing in fresh medium, but flow is known to align
cells and would likely be a confounding factor (123, 192, 193). Future experiments may
require the use of short cylinders (~1 mm) so that fresh medium can diffuse into the space
readily. The second major challenge is imaging through these curved surfaces. The wall
of a glass cylinder often reflects laser light in a way that makes resolving cells difficult.
When casting PDMS around glass cylinders, the optimal method involved securing the
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glass cylinder as close to the bottom of the petri dish as possible before pouring in liquid
PDMS. This minimized the amount of PDMS through which the confocal laser had to
pass to image cells. If these technical hurdles can be overcome, the alignment patterns of
apical and basal SFs within cells inside of cylinders with radii similar to those used in
Chapter 2 will shed light on the rules governing SF alignment.

5.2 Does curvature alignment persist on soft substrates?
All of the surfaces presented in this document and proposed above are made of
either PDMS or glass. As discussed in Chapter 1.2.2, these materials are significantly
stiffer than physiologic tissues. Since substrate stiffness affects a number of important
cell behaviors, including the organization of the actin cytoskeleton, it is likely that
responses to curvature are also affected by stiffness. To improve our understanding of
how cells respond to curvature in vivo, future work will involve developing new methods
for creating curved surfaces with tunable stiffness. One approach is to coat existing
cylindrical and SWS surfaces with polyacrylamide (PA) hydrogels, whose stiffness can
be tuned easily. The primary challenge with this method is that cells can sense a stiff
substrate beneath the gel if the gel layer is too thin (< 10-20 µm) (194). Adding a 20 µm
gel film on top of cylindrical or SWS surfaces may significantly alter the geometry, so
new, smaller features may need to first be developed as gel supports. A different method
for creating soft SWS features involves casting hydrogels into SWS molds. Gel
precursors could be poured into molds of the desired shape and, so long as the gel does
not adhere to the mold, cross-linked gels without any pre-stress could be generated. On
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soft, flat gels, fibroblasts and VSMCs do not form SFs, so very soft gels may not be
useful for these studies. On an intermediate stiffness (~10 kPa), cells may be able to
migrate but they may not be repelled by the positive Gaussian curvature cap of the SWS
since their SFs will likely be fewer and thinner than on stiff surfaces. If the cells do form
contractile SFs and the gel is sufficiently soft, they may be able to deform the gel and
effectively create new geometry locally.

5.3 Molecular mechanisms and implications for cell biology
Although we have hints about important molecular systems (e.g., the actin
cytoskeleton) and signaling pathways (e.g., the Rho/ROCK pathway) in curvature
sensing, details of the molecular mechanisms involved remain unclear. The alignment
and migration patterns that emerge in response to curvature can be addressed by the
experiments described in the previous section, but additional molecular biology tools will
be needed to understand how cells actually sense and respond to curvature fields.
One of the most important open questions is the difference between apical and
basal SFs. In most diagrams of SF types, the population most similar to what we call
basal are traditionally called “ventral”: They sit at the basal surface of the cell, contain αactinin and myosin II, are attached to FAs at both ends, and are typically oriented in the
direction in which the cell migrates (19, 21, 22, 195). Apical SFs, also known as
perinuclear actin cap SFs, were recently described (24) and have been classified as a
subclass of ventral SFs since they are cross linked by α-actinin, contain myosin II, and
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are pinned at both ends by FAs (148). If these SFs are made up of the same components,
then how do they align in such distinct patterns in response to curvature cues?
Biton & Safran suggested that SFs may align in either the axial or circumferential
direction within cells cultured on cylinders depending on the balance between tension
within and the stiffness of the SFs (129). In their model, SFs in a stiffness-dominated
regime aligned axially to avoid the energetic cost associated with bending; this was one
of the earliest ideas proposed about curvature alignment (90). If the SFs were instead in a
tension-dominated regime (e.g., if myosin II were prominently activated), then the SFs
might instead align in the circumferential direction.
Although their model only considers a single population of SFs that all align in
the same direction, these ideas could be tested experimentally. Based on their findings,
one might predict that apical SFs are bending dominated and basal SFs are tension
dominated. To test the tension within each SF, a laser nanoscissor could be employed to
precisely cut individual SFs (196). This technique utilizes femtosecond laser pulses to
ablate SFs with sub-300 nm resolution. Since the SFs are under tension, they retract upon
being cut. The SF tension can be calculated from the measured rate at which the SFs
retract. Atomic force microscopy (AFM) could be used to measure SF stiffness. A
pyramidal tip has been used to measure the stiffness of SFs within living cells (134).
Although it may be possible to measure the stiffness of apical SFs using this technique, it
will be difficult to measure the stiffness of basal SFs since they sit beneath the apical SFs
as well as the nucleus. Additionally, the mechanical properties of SFs may depend on the
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local curvature field, so tension and stiffness would ideally be measured in cells that are
on an SWS skirt, for example. This is likely to be an additional significant challenge for
using an AFM to measure stiffness since the z-travel distance for tips is typically very
short (< 30 µm) and the substrate will have to be specially prepared to allow for the tip to
approach at the correct angle.
Apical and basal SFs may be in different tension/stiffness regimes because they
have distinct compositions. Although both types are considered ventral since they contain
α-actinin and myosin II, they may have different levels of each. Immunofluorescence
may reveal these differences. Cells on cylinders or SWSs, for example, could be stained
for α-actinin 1 and 4; these are the isotypes that are present in cells excluding striated
muscle cells (197). SFs with more α-actinin may be stiffer since these molecules act as Factin cross linkers. Staining for total myosin light chain (MLC) and phospho-MLC
(pMLC) may reveal the relative tensional status of SF subpopulations. MLC that has been
phosphorylated is active and contractile, so SFs with high pMLC content may be under
more tension than those with little pMLC. The SF subpopulations may also have different
relative levels of myosin IIA and IIB isoforms, leading to differences in tension.
In Chapter 2, we implicated the Rho/ROCK pathway in the curvature-dependent
alignment of SFs. Upon activation of Rho, apical SFs almost completely disappeared and
basal SFs become numerous and very thick. Even in unperturbed cells, the localization of
Rho may play a role in differentiating apical and basal SFs. Rho is a membrane-bound
GTPase that is often activated at the membrane by GEFs (198). One possibility is that
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apical and basal SFs differ because the amount of Rho at the apical and basal surfaces of
cells is different. Upon activation of Rho with CN03, the basal SFs may have become
highly contractile and recruited most of the actin within the cell (including that which
was initially within apical SFs) because there was more Rho at the basal surface upon
treatment. It may be possible to determine if there is more Rho at the basal membrane of
MEFs and VSMCs using fluorophore-conjugated Rho and super resolution microscopy.
In addition to dramatically altering SF organization, activation of Rho with CN03
also affected FAs. MEFs on SWS skirts that underwent the control treatment had many
small FAs (Figure 5.8). Many of the radially-oriented apical SFs terminated at these
small puncta. Upon treatment with CN03, the FAs became large plaques. As we observed
in CN03-treated MEFs on cylinders, the apical SFs nearly vanished and the azimuthallyoriented basal SFs increased in number and size. Many of the FAs appear to be associated
with these basal SFs upon activation of Rho. These FAs may have become so large in
order to support the increased load applied on them by the highly contractile SFs.
Although we have focused on SFs throughout the discussion of curvature sensing, it is
likely that FAs also play a crucial role. Such large FAs may disassemble very slowly,
preventing the cell from migrating quickly or even moving at all. Future experiments may
explore the curvature-dependent motility of Rho-activated cells using CN03. Live
imaging of the SFs within CN03-treated cells may shed light on the means by which cells
orient their tense SFs in response to curvature.
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Figure 5.8 CN03-treated MEFs on SWS skirts. F-actin is visualized by staining with phalloidin-TRITC.
FAs are visualized by paxillin immunofluorescence staining. The rotated phalloidin stacks were examined
to determine the location of apical (red) and basal (yellow) SFs highlighted in the right panels. FAs (blue)
were captured in Fiji. Scale bars: 20 µm.

The influence of Rho on VSMC alignment can also be evaluated in vivo. One
possibility is that VSMCs align circumferentially in cylindrical vessels in vivo because
they have higher Rho activity than cells cultured in the in vitro glass cylinder system. By
treating cells with CN03 on the glass cylinders, we may have achieved a level of Rho
activity comparable to that in cells in vivo. We can determine the effect of Rho on VSMC
alignment in vivo using a Rhofl/fl;iCre mouse in which excision of the Rho gene can be
induced by introduction of Tamoxifen. If highly active Rho is responsible for
circumferential alignment, then VSMCs lacking Rho expression may align more strongly
in the axial direction.
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Another topic that remains to be studied is the impact of curvature on the nucleus.
Apical SFs lie over the nucleus and are linked to it through a complex that spans both of
the nuclear membranes called the Linker of Nucleoskeleton and Cytoskeleton (LINC)
complex. KASH-domain proteins span the outer nuclear membrane and the perinuclear
space. These proteins interact with F-actin in the cytoplasm, including SFs. SUN-domain
proteins span the inner nuclear membrane and interact with the perinuclear domains of
the KASH-domain proteins. These SUN-domain proteins interact with the chromatin and
lamins within the nucleus. Together, this complex connects the cytoplasmic actin
cytoskeleton to the nucleoskeleton as well as chromatin.
Apical SFs perturb nuclear shape. When cells are cultured on planar surfaces,
their apical SFs can make deep grooves in the surface of the nucleus (199). In some
cases, these grooves can be up to 5 µm deep, presumably formed as these tense SFs
compress the nucleus and cinch it against the surface. When apical SFs are disrupted, this
compression is relieved and the nucleus can become up to 60% thicker (24). Recent
studies have shown that nuclear shape and size, which in some cases are the result of
these types of deformations, can have profound impacts on cell behavior. By controlling
nuclear shape using microcontact printed islands, for example, the expression of collagen
I and the transcription of osteocalcin genes can be promoted in osteogenic cells (167). A
hallmark of various types of cancer cells is distorted nuclear shape; in fact, nuclear shape
is often used as a diagnostic marker by pathologists (162, 163, 166). Nuclear morphology
influences gene expression by regulation of the three-dimensional organization of
136

chromatin. The manner in which chromatin is organized affects how transcription factors
interact with the DNA. Chromatin is typically associated with the nuclear lamina; thus,
nuclear shape can influence chromatin organization and gene expression (200).
Additionally, nuclear deformation can alter the transport of important transcriptional
regulators. For example, force applied to the nucleus via AFM or compressing apical SFs
induces transport of the mechanosensitive regulator YAP into the nucleus (201). Thus,
nuclear shape and deformations influence gene regulation by both altering the
configuration of chromatin and by affecting the transport of signaling molecules.
Since curvature has profound impacts on apical SFs, it may also have important
effects on the nucleus. For example, apical SFs form chords across the concave gap on
SWS skirts and the nucleus sits beneath these SFs. On this surface, the nucleus sits in a
concave cup beneath the apical SFs. Some of the nuclear compression that is observed on
planar surfaces due to the tense apical SFs may be relieved simply by the geometry of the
surface and the ability of apical SFs to form chords. This effect may be even more
pronounced on the concave, positive Gaussian curvature surfaces described above. On
these surfaces, the nucleus may be even less compressed because both principal
directions are concave. Ultimately, macroscale curvature may influence transcription and
nuclear transport by altering deformations of the nucleus caused by apical SFs.
Apical SFs compress and make grooves in the nucleus, but is connection to the
nucleus required for the formation and maintenance of these SFs in the first place? Apical
SFs can be quite long (up to the length of the cell, ~100 µm) and may be unstable without
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support from the nucleus. Disruption of the LINC complex in cells on various curved
surfaces may reveal its role in the formation of apical SF chords and nuclear shape. One
approach to disrupting the LINC complex involves transfecting cells with EGFP-KASH2.
This construct displaces Nespring-2G, one of the primary KASH-domain proteins that
links cytoplasmic F-actin to the nuclear membrane (202). By replacing Nesprin-2G with
the non-functional EGFP-KASH2, the link between apical SFs and the nucleus may
become disrupted (24).
Apical SFs play an important role in translocation of the nucleus. Although some
studies suggest that apical SFs align in the direction in which the cell migrates (55, 148),
others show that the nucleus moves in the direction perpendicular to the apical SFs. In
fibroblasts, the nucleus translocates beneath the apical SFs; apical SFs lose contact with
the nucleus on one side while the nucleus is pushed beneath new SFs on the opposite side
(148, 203). The tense SFs may push the nucleus perpendicular to the SF orientation
direction by compressing the nucleus more on one side than the other. By forming chords
across concave gaps, the ability of apical SFs to move the nucleus may be altered. If the
rate of nuclear translocation is dependent on the amount of compression applied by these
SFs, then nuclei in cells on concave surface may translocate more slowly.
Most studies of SF-nucleus interactions have focused on apical SFs; they are
typically the most easily visualized and analyzed SFs since they are near the top of the
cell. These SFs can interact with streaks of LINC complex proteins beneath them; these
streaks on the nuclear surface are called transmembrane actin-associated nuclear (TAN)
138

lines (203, 204). Although the presence of basal SFs is noted in these studies, they
receive very little attention. The role of these SFs remains unclear. Future studies may
reveal if basal SFs interact with the nucleus through the LINC complex. Although it is
unlikely that they deform the nucleus as much as the highly compressive apical SFs, they
may act as a barrier between the nucleus and the substrate. Basal SFs bend around even
highly convex surfaces and may cushion the nucleus from these geometric features to
some extent.
The curvature alignment hypothesis proposed by Dunn & Heath states that cells
align in order to minimize the bending of actin SFs. Other components of the
cytoskeleton, such as microtubules, may also be resistant to bending and thus may also
play a role in curvature alignment. Microtubules consist of tubulin polymerized into a
tube-like structure that is larger in diameter (25 nm) than an actin filament (5-9 nm) (67).
This structure makes microtubules significantly stiffer than actin filaments (persistence
lengths of microtubules is ~5 mm compared to 10 µm for actin microfilaments) (205,
206). Microtubules contribute to the mechanical properties of cells (205, 207–209) and
may play a role in curvature alignment: In their absence, cells may deviate from axial
alignment on small cylinders, for example, since the cells may no longer resist bending.
Preliminary experiments suggest that microtubule disruption does not completely disturb
the actin cytoskeleton (Figure 5.9), but additional work is required to determine the
extent of the impact on relevant cell behaviors. For example, microtubule disruption in
MEFs may alter cell migration, limiting the ability of the cells to effectively explore a
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curvature field. Live imaging experiments and careful quantification of SF organization
upon microtubule disruption will reveal if nocodazole is an appropriate treatment for this
experimental approach.
DMSO Control

500 nM Nocodazole

5000 nM Nocodazole

F-actin

α-tubulin

DAPI

Figure 5.9 Nocodazole treatment of MEFs. Cells were incubated overnight and then treated for 30
minutes with two different doses of nocodazole. DAPI staining is shown in all panels in blue. Scale bar is
30 µm.

In addition to understanding how cells align in response to curvature, future work
will address the mechanisms by which alignment information is transferred between
cells. On both planar surfaces and on cylinders, we observed elongated MEFs co-align
with each other locally. Cadherins, the primary family of cell-cell contact molecules in
MEFs, may play an important role in passing along alignment information to neighbors.
When MEFs come into contact, cadherins on both cells interact homodimerically.
Cadherins interact with the actin cytoskeleton by forming intracellular protein assemblies
similar to those that form at FAs (210). These cell-cell contacts effectively link the actin
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cytoskeletons of the two cells, and information about the alignment of each cell and its
actin may be communicated through them.
An initial experiment exploring the role of N-cadherin, the primary cadherin type
in MEFs, suggested that N-cadherin might not be required for the transmission of
alignment information between cells in nematic monolayers. In these experiments, a
population of immortalized MEFs from an N-cadherinfl/fl mouse were seeded on tissue
culture plastic and infected with adenoviral Cre to excise the N-cadherin gene. Another
dish seeded from the same population of cells was infected with adenoviral LacZ as a
control. The infected cells were then seeded on 1 mm x 1 mm square, microcontactprinted islands as described in Chapter 4 and on tissue culture plastic. In most cases, the
nematic order generated by the floxed N-cadherin MEFs was qualitatively weaker than
that formed by the other populations of MEFs used in this dissertation; the nematic order
may persist over shorter domains because the cells are less elongated and have a less
regular shape. Despite this difference, it was possible to find islands in both conditions in
which nematic order emerged (Figure 5.10). Thus, N-cadherin may not be required for
the co-alignment of cells and their ability to generate nematic order in monolayers.
Additional experiments are required to validate this result, but the idea is intriguing. One
possibility is that other cadherins or other cell-cell contact molecules play a role in
transmitting alignment information between cells in the absence of N-cadherin.
Alternatively, the MEFs may co-align as a result of “steric” interactions; that is, the cells
may co-align their SFs, FAs, and cell bodies not because they are avoiding each other by
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interactions of membrane receptors but instead because neighboring cells act as a type of
physical barrier. As described in Chapter 4, cells may act as “soft edges” that transmit
alignment information to each other in a manner similar to how microcontact-printed
edges direct alignment. Although the effect was weak and transient in pairs of cells, the
effect may be enhanced when cells interact with many neighbors and are confined within
a confluent monolayer.
+AdLacZ
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+AdLacZ +AdCre
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Figure 5.10 The role of N-cadherin in cell co-alignment. (A) Western blot showing the absence of Ncadherin upon infection with adenoviral Cre. (B) +AdLacZ and +AdCre monolayers on 1 mm x 1 mm
microcontact-printed islands of FN Scale bar is 100 µm.

5.4 Other cell types
The work presented in this document is primarily a fundamental biophysical study
concerning the behavioral response of cells to basic physical cues. Although these results
and ideas are fundamental in nature, they have implications in understanding how cells
form patterns and otherwise function when exposed to curvature fields in vivo. The most
physiologically relevant system studied in this work is that of VSMCs within vessels of
various geometries. We revealed distinct patterns of alignment in human VSMCs in
response to both cylindrical and negative Gaussian curvature surfaces, suggesting that the
142

curvature of right cylindrical vessels as well as branch points may be an important
stimulus patterning alignment in these tissues in vivo. A number of other cell types
experience curvature in vivo, though, and future work may reveal that curvature is
important in various other contexts.
Endothelial cells are another component of the vasculature that experience
curvature in vivo. In fact, these cells actually make up the curved surface itself; as
described in Chapter 1.2.2, endothelial cells form a barrier between the flowing blood and
the interstitial space (see Figure 1.8). We focused on VSMCs because they interact with
the curved surface formed by the endothelial cells. Our cylinder and SWS systems were
thus relevant models: In these experiments, the cells experienced pre-existing curvature
fields (see complete discussion in Chapter 1.2).
Although endothelial cells can be viewed as the surface cells themselves, their
alignment may be influenced by curvature. Preliminary experiments revealed that SFs
within human umbilical vein endothelial cells (HUVECs) appear to align in patterns
similar to those in MEFs and VSMCs when cultured on the negative Gaussian curvature
skirt of an SWS (Figure 5.11A). Although these cells do not have many basal SFs, their
apical SFs align radially. This result suggests that curvature may pattern the alignment of
endothelial cells and their SFs in a manner similar to MEFs and VSMCs.
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Figure 5.11 Endothelial cells on SWSs. (A) Representative phalloidin-stained HUVEC on SWS skirt. Cell
has been rotated so that the image plane is tangent to the skirt surface at the center of the cell. (B)
Representative HUVEC on an SWS cap. Grey: phalloidin:TRITC. Green: Alexa Fluor 647-labeled FN. (C)
Same cell as in B but rotated for a nearly profile view. Scale bars: 20 µm.

Although HUVEC SFs appear to align in response to curvature, this alignment
stimulus may not play a dominant role in vivo. In vessels, endothelial cells are exposed to
flowing blood on their apical surface and the shear stress applied by the fluid is known to
influence a variety of important behaviors, including alignment (211). In vivo, the flow
field may act as the dominant alignment cue over curvature. Future experiments varying
shear stresses and curvature magnitudes may reveal to what extent flow and curvature
guide endothelial cell alignment.
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Although HUVECs were similar to MEFs and hVSMCs in that they had apical
SFs aligned radially on SWS skirts, we observed one distinct and interesting difference:
These endothelial cells were found on the spherical caps of SWSs (Figure 5.11B). It is
unclear if these cells migrated onto the caps from the skirts or if they landed on the caps
from suspension. Live imaging of endothelial cells expressing Lifeact-GFP would reveal
if cells originally on skirts are repelled by the spherical cap or if they are able to migrate
fully onto the cap.
HUVECs may be less resistant to the positive Gaussian curvature of the spherical
cap because they are smaller than MEFs. On SWS skirts, HUVECs are approximately
70% as large as MEFs. The energetic penalty associated with bending an SF is dependent
on its length, so there may be a smaller penalty for HUVECs to be on the cap than MEFs.
This idea highlights the ratio of the cell length scale to the curvature length scale as a
potentially important quantity. In the work presented here, the cell type has been held
constant and the curvature length scale varied. In future work, cells of different sizes may
be cultured on these same surfaces to determine if this concept is valid. It is important to
recognize that most cell types are distinct from each other in many more ways than
simply their size, but this type of experiment may shed light on the importance of relative
length scales in curvature sensing.
Epithelial cells are the other main type of surface-forming cells in the body. These
cells form the barrier between the interstitial space and various fluids, including milk,
sweat, and air. Much like endothelial cells, epithelial cells are the cells that actually form
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curved surfaces themselves. In confluent, mature tissues, these cells typically adopt a
cobblestone appearance and are not elongated within the surface, but other behaviors
besides alignment, such as proliferation, may be curvature-dependent.
Myoepithelial cells are another cell type that may be of interest because they
directly interact with epithelial surfaces, much like how VSMCs interact with endothelial
surfaces. Unlike VSMCs, which wrap around blood vessels in the circumferential
direction, mammary myoepithelial cells align axially along the cylindrical ducts formed
by luminal epithelial cells in the breast (212). This axial alignment pattern is similar to
that observed in MEFs and hVSMCs on cylindrical surfaces. The myoepithelial cells
around the sphere-like buds are star-shaped and have thin projections that wrap the
sphere in various directions. Future work may focus on these two distinct alignment
patterns on cylindrical and sphere-like surfaces. These cells are highly contractile and use
their actin and smooth muscle actin systems to expel liquids from buds (213); is the
organization of these contractile systems curvature-dependent?

5.5 Soft matter physics treatment of cells
Although not explicitly stated as such, several soft matter systems inspired many
of the initial ideas for this work. In a variety of systems, elements align in a curvaturedependent manner. For example, elongated colloids align radially and migrate when
trapped at fluid-fluid interfaces shaped like a negative Gaussian curvature skirt (214).
Additionally, elongated block copolymer domains align radially on the skirt of an SWSlike surface (141, 215). Despite the significant complexity of mammalian cells over
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passive, soft materials, we aimed to understand to what extent the principles of soft
matter physics that drive alignment in those systems apply to alignment of cells.
In these soft matter systems, curvature alignment emerges as a result of free
energy minimization. Elongated colloids align radially on negative Gaussian curvature
interfaces so as to minimize the interfacial area and thus the interfacial energy. The
cylindrical block copolymer domains are constrained to be equally spaced and adsorbed
to the surface, but they also align radially on a negative Gaussian curvature surface to
minimize the free energy of the system. In both of these systems, the ultimate alignment
patterns are enforced by the material parameters of the systems. Surface tension in the
case of colloidal particles and bending energies in the case of cylindrical block
copolymer domains impose energetic penalties for deviating from preferred patterns. In
reacting or time evolving systems, system evolve along pathways to minimize their free
energy, so these concepts apply even far from equilibrium.
Elongated cells and their actin SFs are reminiscent of these cylindrical block
copolymer domains in that they are anisotropic in shape and resistant to bending. These
cells and their intracellular systems may seek to minimize their free energy like the
polymer system, but the means by which they do this is likely very different. In the
passive polymer system, thermal fluctuations enable the molecules to explore their
energy landscapes and ultimately find minimum energy configurations. Instead of being
driven by thermal fluctuations, cells actively explore free energy landscapes by
consuming energy-dense molecules such as ATP, GTP, and NADH. Is the consumption
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of these energy currencies driven by a complex decision-making process, or does it
simply allow cells to move dynamically along paths that reduce their free energy? The
similarities between the alignment patterns observed in passive systems and cells suggest
that cells may align by a process of free energy minimization instead of a decisionmaking process.
Evaluating the validity of these claims is an extremely challenging task due to the
complexity of the cell and will likely be addressed most completely by a combination of
experimental, theoretical, and computational studies. Computational models of the
contractile actomyosin machinery system that include cell-ECM adhesions, myosin
kinetics, and components of the Rho pathway have been reported (216). As discussed in
Chapter 2, a theoretical model of circumferential vs. axial alignment of SFs on cylindrical
surfaces has also been reported (129). Although these models utilize methods involving
free energy minimization and recapitulate important cell behaviors, they are unable to
capture all of the important factors that have been observed. For example, the model
proposed by Biton & Safran does not address orthogonal alignment of two distinct
populations of SFs on cylindrical surfaces.

5.6 Engineering applications
Understanding the patterns that cells form in response to geometric cues and the
molecular mechanisms that cells use to sense and respond to geometry is valuable
because it sheds light on important biological processes such as development and
morphogenesis. The findings of the work presented here may also be useful for
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manipulating cells in tissue engineering applications. Since curvature and edges have
profound impacts on alignment and migration, we may be able to use them as tools for
controlling cellular pattern formation.
Controlling cell migration and adhesion is an important engineering challenge. A
large amount of work has focused on promoting adhesion to and migration on surfaces
using chemical functionalization, substrate stiffness, and topographical cues (see Chapter
1.2.3). These cues can be engineered to not only enable migration, but to direct and
enhance it. For example, cells cultured on narrow stripes migrate in a highly directed
fashion along those stripes (89). Although many cues have been developed to promote
migration, few studies have focused on repelling migration. Recent work has shown that
nanoscale features can be used to repel migration by limiting or inhibiting focal adhesion
formation (168, 169). Although these features are effective at repelling cells, they depend
on complicated methods such as multiphoton ablation lithography that are limited in
scope and applicability. In Chapter 3, we showed that curvature cues on the order of
hundreds of microns in length scale could be used to repel migration. These features are
much simpler to manufacture due to their larger size. Various implants and medical
devices, such as the struts of cardiovascular stents, already have length scales within this
range. The macroscale geometry of these types of devices may be a useful design
parameter if repulsion of migration onto them is desirable.
With a new understanding of how cells form patterns in response to geometry, we
may be able to use these geometric cues to recapitulate the patterns observed in vivo in
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“organ-on-a-chip” devices. These devices aim to reconstitute the main characteristics of
complex tissues in a small device that can be manufactured in the lab (178). An effective
organ-on-a-chip device could be used to test the efficacy of pharmaceuticals in a high
throughput manner without the use of live animals. Cell alignment is a key feature of
tissues such as skeletal muscle, cardiac muscle, and blood vessels, and recapitulating
these alignment patterns may be crucial in creating effective organ-on-a-chip models. We
have found that both macroscale curvature and edges can robustly pattern cell alignment.
When combined with the natural tendency of elongated cells to co-align, the alignment of
densely packed cells can be controlled over distances of hundreds of microns. In addition
to utilizing the mechanical properties and flow conditions within organ-on-a-chip
devices, engineers may be able to use macroscale geometry to control cell behaviors.
In addition to controlling cells to emulate in vivo organization, we may be able to
pattern them in ways that produce useful work. In an interesting study, researchers used
the contractility of mouse fibroblasts to fold thin microplates into “cell origami” (217).
The cells were cultured on microfabricated plates with various shapes and configurations.
When they contracted and pulled on the plates, they folded the plates at specific hinge
locations. Depending on the configuration of plates, cells were able to fold microplates
into three-dimensional shapes such as cubes, dodecahedrons, and helical tubes. In these
experiments, a small number of cells were cultured on each shape and, since each cell can
exert only a small traction force, the folded shapes were small (~100 µm). By culturing
cells around 100 µm-wide rectangular microposts, others have organized larger numbers
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of fibroblasts in a tissue that can exert tensile forces of up to 80 µN (218, 219). In these
microtissues, nearly all of the cells were co-aligned along the long axis of the tissue.
Microcontact printing has been used to align populations of contractile cardiomyocytes
that contract thin films of PDMS that swim, walk, and curl (220, 221). The tendency of
cells to spontaneously co-align with each other may be useful for generating more
complex alignment patterns that could be used to create complicated folding motifs.
Curvature fields and boundaries may be useful tools for patterning the alignment of cells
in these complex but predictable patterns within microtissues. Edges and corners may be
used to pattern defects within nematic monolayers that may yield corrugated radial
patterns upon contraction of a thin film substrate. A negative Gaussian curvature skirtlike surface could be used to generate a tissue with radial symmetry about a point;
contraction of this type of tissue may curl or buckle. By harnessing inherent co-alignment
properties of cells and their predictable alignment patterns in response to macroscale
geometry, it may be possible to utilize the strength of the cellular actomyosin machinery
to do work for us.

151

Bibliography
1.

Hooke, R. 1665. Micrographia, or, Some physiological descriptions of minute
bodies made by magnifying glasses: With observations and inquiries thereupon.
London: Printed by J. Martyn and J. Allestry.

2.

Schwann, T. 1839. Microscopical Researches into the Accordance in the Structure
and Growth of Animals and Plants. Berlin: .

3.

Engler, A.J., S. Sen, H.L. Sweeney, and D.E. Discher. Matrix Elasticity Directs
Stem Cell Lineage Specification. .

4.

Assoian, R.K., and E.A. Klein. Growth control by intracellular tension and
extracellular stiffness. .

5.

Peyton, S.R., and A.J. Putnam. 2005. Extracellular matrix rigidity governs smooth
muscle cell motility in a biphasic fashion. J. Cell. Physiol. 204: 198–209.

6.

Ulrich, T.A., E.M. de Juan Pardo, and S. Kumar. 2009. The mechanical rigidity of
the extracellular matrix regulates the structure, motility, and proliferation of
glioma cells. Cancer Res. 69: 4167–74.

7.

Jarvelainen, H., A. Sainio, M. Koulu, T.N. Wight, and R. Penttinen. 2009.
Extracellular Matrix Molecules: Potential Targets in Pharmacotherapy. Pharmacol.
Rev. 61: 198–223.

8.

Gialeli, C., A.D. Theocharis, and N.K. Karamanos. 2011. Roles of matrix
metalloproteinases in cancer progression and their pharmacological targeting.
FEBS J. 278: 16–27.

9.

Soleman, S., M.A. Filippov, A. Dityatev, and J.W. Fawcett. 2013. Targeting the
neural extracellular matrix in neurological disorders. Neuroscience. 253: 194–213.

10.

Curtis, A., and C. Wilkinson. 1999. New depths in cell behaviour: reactions of
cells to nanotopography. Biochem. Soc. Symp. 65: 15–26.

11.

Théry, M. 2010. Micropatterning as a tool to decipher cell morphogenesis and
functions. J. Cell Sci. 123: 4201–13.

12.

Geiger, B., J.P. Spatz, and A.D. Bershadsky. 2009. Environmental sensing through
focal adhesions. Nat. Rev. Mol. Cell Biol. 10: 21–33.

13.

Dalby, M.J., M.O. Riehle, D.S. Sutherland, H. Agheli, and A.S.G. Curtis. 2005.
Morphological and microarray analysis of human fibroblasts cultured on
152

nanocolumns produced by colloidal lithography. Eur. Cell. Mater. 9: 1–8;
discussion 8.
14.

den Braber, E.T., J.E. de Ruijter, L.A. Ginsel, A.F. von Recum, and J.A. Jansen.
1998. Orientation of ECM protein deposition, fibroblast cytoskeleton, and
attachment complex components on silicone microgrooved surfaces. J. Biomed.
Mater. Res. 40: 291–300.

15.

Gardel, M.L., J.H. Shin, F.C. MacKintosh, L. Mahadevan, P. Matsudaira, and D. a
Weitz. 2004. Elastic behavior of cross-linked and bundled actin networks. Science.
304: 1301–1305.

16.

Gittes, F., B. Mickey, J. Nettleton, and J. Howard. 1993. Flexural rigidity of
microtubules and actin filaments measured from thermal fluctuations in shape. J.
Cell Biol. 120: 923–934.

17.

Lodish, H.F. 2008. Molecular cell biology. W.H. Freeman.

18.

Etienne-Manneville, S., and A. Hall. 2002. Rho GTPases in cell biology. Nature.
420: 629–635.

19.

Blanchoin, L., R. Boujemaa-Paterski, C. Sykes, and J. Plastino. 2014. Actin
dynamics, architecture, and mechanics in cell motility. Physiol. Rev. 94: 235–263.

20.

Hall, A. 1998. Rho GTPases and the actin cytoskeleton. Science. 279: 509–14.

21.

Kassianidou, E., and S. Kumar. 2015. A biomechanical perspective on stress fiber
structure and function. Biochim. Biophys. Acta - Mol. Cell Res. 1853: 3065–3074.

22.

Tojkander, S., G. Gateva, and P. Lappalainen. 2012. Actin stress fibers - assembly,
dynamics and biological roles. J. Cell Sci. 125: 1855–1864.

23.

Chang, R., and S. Wang. 2014. An emerging treatment option for glaucoma: Rho
kinase inhibitors. Clin. Ophthalmol. 8: 883.

24.

Khatau, S.B., C.M. Hale, P.J. Stewart-Hutchinson, M.S. Patel, C.L. Stewart, P.C.
Searson, D. Hodzic, and D. Wirtz. 2009. A perinuclear actin cap regulates nuclear
shape. Proc. Natl. Acad. Sci. U. S. A. 106: 19017–22.

25.

Maninova, M., J. Caslavsky, and T. Vomastek. 2017. The assembly and function
of perinuclear actin cap in migrating cells. Protoplasma. 254: 1207–1218.

26.

Heng, Y.-W., and C.-G. Koh. 2010. Actin cytoskeleton dynamics and the cell
division cycle. Int. J. Biochem. Cell Biol. 42: 1622–1633.
153

27.

Vale, R.D. 2003. The molecular motor toolbox for intracellular transport. Cell.
112: 467–80.

28.

Gunst, S.J., and W. Zhang. 2008. Actin cytoskeletal dynamics in smooth muscle: a
new paradigm for the regulation of smooth muscle contraction. Am. J. Physiol.
Cell Physiol. 295: C576-87.

29.

Besser, A., and U.S. Schwarz. 2007. Coupling biochemistry and mechanics in cell
adhesion: a model for inhomogeneous stress fiber contraction. New J. Phys. 9:
425–425.

30.

Vallenius, T. 2013. Actin stress fibre subtypes in mesenchymal-migrating cells.
Open Biol. 3: 130001.

31.

Krause, M., and A. Gautreau. 2014. Steering cell migration: lamellipodium
dynamics and the regulation of directional persistence. Nat. Publ. Gr. 15.

32.

Lai, F.P.L., M. Szczodrak, J. Block, J. Faix, D. Breitsprecher, H.G. Mannherz,
T.E.B. Stradal, G.A. Dunn, J.V. Small, and K. Rottner. 2008. Arp2/3 complex
interactions and actin network turnover in lamellipodia. EMBO J. 27: 982–92.

33.

Yang, Q., X.-F. Zhang, T.D. Pollard, and P. Forscher. 2012. Arp2/3 complexdependent actin networks constrain myosin II function in driving retrograde actin
flow. J. Cell Biol. 197: 939–56.

34.

Giannone, G., R.-M. Mège, and O. Thoumine. 2009. Multi-level molecular
clutches in motile cell processes. Trends Cell Biol. 19: 475–486.

35.

Geiger, B., J.P. Spatz, and A.D. Bershadsky. 2009. Environmental sensing through
focal adhesions. Nat. Rev. Mol. Cell Biol. 10: 21–33.

36.

Alexandrova, A.Y., K. Arnold, S. Schaub, J.M. Vasiliev, J.-J. Meister, A.D.
Bershadsky, and A.B. Verkhovsky. 2008. Comparative dynamics of retrograde
actin flow and focal adhesions: formation of nascent adhesions triggers transition
from fast to slow flow. PLoS One. 3: e3234.

37.

Ponti, A., M. Machacek, S.L. Gupton, C.M. Waterman-Storer, and G. Danuser.
2004. Two distinct actin networks drive the protrusion of migrating cells. Science.
305: 1782–6.

38.

Vallotton, P., S.L. Gupton, C.M. Waterman-Storer, and G. Danuser. 2004.
Simultaneous mapping of filamentous actin flow and turnover in migrating cells
by quantitative fluorescent speckle microscopy. Proc. Natl. Acad. Sci. U. S. A.
101: 9660–5.
154

39.

Svitkina, T. 2007. Electron Microscopic Analysis of the Leading Edge in
Migrating Cells. In: Methods in cell biology. . pp. 295–319.

40.

Choi, C.K., M. Vicente-Manzanares, J. Zareno, L.A. Whitmore, A. Mogilner, and
A.R. Horwitz. 2008. Actin and α-actinin orchestrate the assembly and maturation
of nascent adhesions in a myosin II motor-independent manner. Nat. Cell Biol. 10:
1039–1050.

41.

Nayal, A., D.J. Webb, C.M. Brown, E.M. Schaefer, M. Vicente-Manzanares, and
A.R. Horwitz. 2006. Paxillin phosphorylation at Ser273 localizes a GIT1-PIXPAK complex and regulates adhesion and protrusion dynamics. J. Cell Biol. 173:
587–9.

42.

Vicente-Manzanares, M., J. Zareno, L. Whitmore, C.K. Choi, and A.F. Horwitz.
2007. Regulation of protrusion, adhesion dynamics, and polarity by myosins IIA
and IIB in migrating cells. J. Cell Biol. 176: 573–80.

43.

Zaidel-Bar, R., R. Milo, Z. Kam, and B. Geiger. 2007. A paxillin tyrosine
phosphorylation switch regulates the assembly and form of cell-matrix adhesions.
J. Cell Sci. 120: 137–48.

44.

Geiger, B., A. Bershadsky, R. Pankov, and K.M. Yamada. 2001. Transmembrane
crosstalk between the extracellular matrix--cytoskeleton crosstalk. Nat. Rev. Mol.
Cell Biol. 2: 793–805.

45.

Nobes, C.D., and A. Hall. 1999. Rho GTPases Control Polarity, Protrusion, and
Adhesion during Cell Movement. J. Cell Biol. 144: 1235–1244.

46.

Hu, K., L. Ji, K.T. Applegate, G. Danuser, and C.M. Waterman-Storer. 2007.
Differential Transmission of Actin Motion Within Focal Adhesions. Science (80-.
). 315: 111–115.

47.

Guo, W., and Y. Wang. 2007. Retrograde fluxes of focal adhesion proteins in
response to cell migration and mechanical signals. Mol. Biol. Cell. 18: 4519–27.

48.

Cai, Y., N. Biais, G. Giannone, M. Tanase, G. Jiang, J.M. Hofman, C.H. Wiggins,
P. Silberzan, A. Buguin, B. Ladoux, and M.P. Sheetz. 2006. Nonmuscle myosin
IIA-dependent force inhibits cell spreading and drives F-actin flow. Biophys. J. 91:
3907–20.

49.

Zaidel-Bar, R., C. Ballestrem, Z. Kam, and B. Geiger. 2003. Early molecular
events in the assembly of matrix adhesions at the leading edge of migrating cells.
J. Cell Sci. 116: 4605–13.
155

50.

Ballestrem, C., N. Erez, J. Kirchner, Z. Kam, A. Bershadsky, and B. Geiger. 2006.
Molecular mapping of tyrosine-phosphorylated proteins in focal adhesions using
fluorescence resonance energy transfer. J. Cell Sci. 119: 866–75.

51.

Zamir, E., B. Geiger, and Z. Kam. 2008. Quantitative multicolor compositional
imaging resolves molecular domains in cell-matrix adhesions. PLoS One. 3:
e1901.

52.

Burridge, K. 2017. Focal adhesions: a personal perspective on a half century of
progress. FEBS J. 284: 3355–3361.

53.

Kanchanawong, P., G. Shtengel, A.M. Pasapera, E.B. Ramko, M.W. Davidson,
H.F. Hess, and C.M. Waterman. 2010. Nanoscale architecture of integrin-based
cell adhesions. Nature. 468: 580–584.

54.

Horwitz, R., and D. Webb. 2003. Cell migration. Curr. Biol. 13: R756-9.

55.

Kim, D.-H., S. Cho, and D. Wirtz. 2014. Tight coupling between nucleus and cell
migration through the perinuclear actin cap. J. Cell Sci. 127: 2528–2541.

56.

Petrie, R.J., A.D. Doyle, and K.M. Yamada. 2009. Random versus directionally
persistent cell migration. Nat. Rev. Mol. Cell Biol. 10: 538–549.

57.

Carter, S.B. 1965. Principles of cell motility: the direction of cell movement and
cancer invasion. Nature. 208: 1183–7.

58.

Arrieumerlou, C., and T. Meyer. 2005. A local coupling model and compass
parameter for eukaryotic chemotaxis. Dev. Cell. 8: 215–27.

59.

Andrew, N., and R.H. Insall. 2007. Chemotaxis in shallow gradients is mediated
independently of PtdIns 3-kinase by biased choices between random protrusions.
Nat. Cell Biol. 9: 193–200.

60.

Bianconi, E., A. Piovesan, F. Facchin, A. Beraudi, R. Casadei, F. Frabetti, L.
Vitale, M.C. Pelleri, S. Tassani, F. Piva, S. Perez-Amodio, P. Strippoli, and S.
Canaider. 2013. An estimation of the number of cells in the human body. Ann.
Hum. Biol. 40: 463–471.

61.

Carroll, S.B. 2001. Chance and necessity: the evolution of morphological
complexity and diversity. Nature. 409: 1102–1109.

62.

Helander, H.F., and L. Fändriks. 2014. Surface area of the digestive tract –
revisited. Scand. J. Gastroenterol. 49: 681–689.
156

63.

Thompson, C.M., D.M. Proctor, M. Suh, L.C. Haws, C.R. Kirman, and M.A.
Harris. 2013. Assessment of the mode of action underlying development of rodent
small intestinal tumors following oral exposure to hexavalent chromium and
relevance to humans. Crit. Rev. Toxicol. 43: 244–74.

64.

Taylor, M.W. 2014. A History of Cell Culture. In: Viruses and Man: A History of
Interactions. Cham: Springer International Publishing. pp. 41–52.

65.

Petersen, O.W., L. Rønnov-Jessen, A.R. Howlett, and M.J. Bissell. 1992.
Interaction with basement membrane serves to rapidly distinguish growth and
differentiation pattern of normal and malignant human breast epithelial cells. Proc.
Natl. Acad. Sci. U. S. A. 89: 9064–8.

66.

Ushiki, T. 2002. Collagen fibers, reticular fibers and elastic fibers. A
comprehensive understanding from a morphological viewpoint. Arch. Histol.
Cytol. 65: 109–26.

67.

Alberts, B., A. Johnson, J. Lewis, M. Raff, K. Roberts, and P. Walter. 2008.
Molecular Biology of the Cell. 5th ed. New York: Garland Science.

68.

Barton, S.P., and R. Marks. 1984. Measurement of collagen-fibre diameter in
human skin. J. Cutan. Pathol. 11: 18–26.

69.

Kunzler, T.P., T. Drobek, M. Schuler, and N.D. Spencer. 2007. Systematic study
of osteoblast and fibroblast response to roughness by means of surfacemorphology gradients. Biomaterials. 28: 2175–2182.

70.

Scacchi, M. 2000. The development of the ITI DENTAL IMPLANT SYSTEM.
Clin. Oral Implants Res. 11: 8–21.

71.

Boron, W.F., and E.L. Boulpaep. 2012. Medical physiology : a cellular and
molecular approach. Philadelphia: Saunders.

72.

Wilke, K., A. Martin, L. Terstegen, and S.S. Biel. 2007. A short history of sweat
gland biology. Int. J. Cosmet. Sci. 29: 169–179.

73.

Garasic, J.M., E.R. Edelman, J.C. Squire, P. Seifert, M.S. Williams, and C.
Rogers. 2000. Stent and artery geometry determine intimal thickening independent
of arterial injury. Circulation. 101: 812–8.

74.

WEIBEL, E.R., and D.M. GOMEZ. 1962. Architecture of the human lung. Use of
quantitative methods establishes fundamental relations between size and number
of lung structures. Science. 137: 577–85.
157

75.

Abbas, B., T.L. Hayes, D.J. Wilson, and K.E. Carr. 1989. Internal structure of the
intestinal villus: morphological and morphometric observations at different levels
of the mouse villus. J. Anat. 162: 263–73.

76.

Gray, H., S. Standring, H. Ellis, and B.K.B. Berkovitz. 2005. Gray’s anatomy : the
anatomical basis of clinical practice. London: Churchill Livingstone.

77.

Ramsay, D.T., J.C. Kent, R.A. Hartmann, and P.E. Hartmann. 2005. Anatomy of
the lactating human breast redefined with ultrasound imaging. J. Anat. 206: 525–
34.

78.

Rhodin, J.A.G. 1980. Architecture of the Vessel Wall. In: Comprehensive
Physiology. Hoboken, NJ, USA: John Wiley & Sons, Inc. pp. 1–31.

79.

Yurdagul, A., A.C. Finney, M.D. Woolard, A.W. Orr, and A.W. Orr. 2016. The
arterial microenvironment: the where and why of atherosclerosis. Biochem. J. 473:
1281–95.

80.

Nguyen, D.-H.T., S.C. Stapleton, M.T. Yang, S.S. Cha, C.K. Choi, P. a Galie, and
C.S. Chen. 2013. Biomimetic model to reconstitute angiogenic sprouting
morphogenesis in vitro. Proc. Natl. Acad. Sci. U. S. A. 110: 6712–7.

81.

Breier, G. Angiogenesis in embryonic development--a review. Placenta. 21 Suppl
A: S11-5.

82.

Jain, R.K. 2003. Molecular regulation of vessel maturation. Nat. Med. 9: 685–693.

83.

Liu, S.Q. 1998. Influence of tensile strain on smooth muscle cell orientation in rat
blood vessels. J. Biomech. Eng. 120: 313–20.

84.

Sarkar, S., M. Dadhania, P. Rourke, T. a. Desai, and J.Y. Wong. 2005. Vascular
tissue engineering: Microtextured scaffold templates to control organization of
vascular smooth muscle cells and extracellular matrix. Acta Biomater. 1: 93–100.

85.

Garrett, J.R., and N. Emmelin. 1979. Activities of salivary myoepithelial cells: a
review. Med. Biol. 57: 1–28.

86.

Gudjonsson, T., M.C. Adriance, M.D. Sternlicht, O.W. Petersen, and M.J. Bissell.
2005. Myoepithelial Cells: Their Origin and Function in Breast Morphogenesis
and Neoplasia. J. Mammary Gland Biol. Neoplasia. 10: 261–272.

87.

Harrison, R.G. 1912. The cultivation of tissues in extraneous media as a method of
morpho-genetic study. Anat. Rec. 6: 181–193.
158

88.

Weiss, P. 1945. Experiments on cell and axon orientation in vitro: The role of
colloidal exudates in tissue organization. J. Exp. Zool. 100: 353–386.

89.

Tamiello, C., A.B.C. Buskermolen, F.P.T. Baaijens, J.L. V Broers, and C.V.C.
Bouten. 2016. Heading in the Right Direction: Understanding Cellular Orientation
Responses to Complex Biophysical Environments. Cell. Mol. Bioeng. 9: 12–37.

90.

Dunn, G.A., and J.P. Heath. 1976. A new hypothesis of contact guidance in tissue
cells. Exp. Cell Res. 101: 1–14.

91.

Alom Ruiz, S., and C.S. Chen. 2007. Microcontact printing: A tool to pattern. Soft
Matter. 3: 168–177.

92.

Alford, P.W., A.P. Nesmith, J.N. Seywerd, A. Grosberg, and K.K. Parker. 2011.
Vascular smooth muscle contractility depends on cell shape. Integr. Biol. 3: 1063.

93.

Zimerman, B., M. Arnold, J. Ulmer, J. Blümmel, A. Besser, J.P. Spatz, and B.
Geiger. 2004. Formation of focal adhesion-stress fibre complexes coordinated by
adhesive and non-adhesive surface domains. IEE Proc. - Nanobiotechnology. 151:
62.

94.

Chen, C.S., M. Mrksich, S. Huang, G.M. Whitesides, and D.E. Ingber. 1997.
Geometric control of cell life and death. Science. 276: 1425–1428.

95.

Théry, M., A. Pépin, E. Dressaire, Y. Chen, and M. Bornens. 2006. Cell
distribution of stress fibres in response to the geometry of the adhesive
environment. Cell Motil. Cytoskeleton. 63: 341–55.

96.

James, J., E.D. Goluch, H. Hu, C. Liu, and M. Mrksich. 2008. Subcellular
curvature at the perimeter of micropatterned cells influences lamellipodial
distribution and cell polarity. Cell Motil. Cytoskeleton. 65: 841–52.

97.

Théry, M., V. Racine, M. Piel, A. Pépin, A. Dimitrov, Y. Chen, J.-B. Sibarita, and
M. Bornens. 2006. Anisotropy of cell adhesive microenvironment governs cell
internal organization and orientation of polarity. Proc. Natl. Acad. Sci. U. S. A.
103: 19771–6.

98.

Théry, M., and M. Bornens. 2006. Cell shape and cell division. Curr. Opin. Cell
Biol. 18: 648–657.

99.

Thery, M. 2010. Micropatterning as a tool to decipher cell morphogenesis and
functions. J. Cell Sci. 123: 4201–4213.

100. Arnold, M., E.A. Cavalcanti-Adam, R. Glass, J. Blümmel, W. Eck, M. Kantlehner,
159

H. Kessler, and J.P. Spatz. 2004. Activation of integrin function by nanopatterned
adhesive interfaces. ChemPhysChem. 5: 383–388.
101. Arnold, M., V.C. Hirschfeld-Warneken, T. Lohmüller, P. Heil, J. Blümmel, E.A.
Cavalcanti-Adam, M. López-García, P. Walther, H. Kessler, B. Geiger, and J.P.
Spatz. 2008. Induction of cell polarization and migration by a gradient of
nanoscale variations in adhesive ligand spacing. Nano Lett. 8: 2063–9.
102. Vogel, V., and M. Sheetz. 2006. Local force and geometry sensing regulate cell
functions. Nat. Rev. Mol. Cell Biol. 7: 265–275.
103. Fisher, P.E., and C. Tickle. 1981. Differences in alignment of normal and
transformed cells on glass fibres. Exp. Cell Res. 131: 407–410.
104. Rovensky YuA, and V.I. Samoilov. 1994. Morphogenetic response of cultured
normal and transformed fibroblasts, and epitheliocytes, to a cylindrical substratum
surface. Possible role for the actin filament bundle pattern. J. Cell Sci. 107: 1255–
63.
105. Svitkina, T.M., Y.A. Rovensky, A.D. Bershadsky, and J.M. Vasiliev. 1995.
Transverse pattern of microfilament bundles induced in epitheliocytes by
cylindrical substrata. J. Cell Sci. 108: 735–745.
106. Levina, E.M., L. V. Domnina, Y.A. Rovensky, and J.M. Vasiliev. 1996.
Cylindrical substratum induces different patterns of actin microfilament bundles in
nontransformed and in ras-transformed epitheliocytes. Exp. Cell Res. 229: 159–
165.
107. Wozniak, M.A., and C.S. Chen. 2009. Mechanotransduction in development: a
growing role for contractility. Nat. Rev. Mol. Cell Biol. 10: 34–43.
108. Brunette, D.M., and B. Chehroudi. 1999. The effects of the surface topography of
micromachined titanium substrata on cell behavior in vitro and in vivo. J.
Biomech. Eng. 121: 49.
109. Flemming, R.G., C.J. Murphy, G.A. Abrams, S.L. Goodman, and P.F. Nealey.
1999. Effects of synthetic micro- and nano-structured surfaces on cell behavior.
Biomaterials. 20: 573–588.
110. Dalby, M.J., S.J. Yarwood, M.O. Riehle, H.J.H. Johnstone, S. Affrossman, and
A.S.G. Curtis. 2002. Increasing fibroblast response to materials using
nanotopography: morphological and genetic measurements of cell response to 13nm-high polymer demixed islands. Exp. Cell Res. 276: 1–9.
160

111. Wilkinson, C.D.W. 1995. Nanostructures in biology. Microelectron. Eng. 27: 61–
65.
112. Curtis, A., and C. Wilkinson. 2001. Nantotechniques and approaches in
biotechnology. Trends Biotechnol. 19: 97–101.
113. Otrock, Z.K., R.A.R. Mahfouz, J.A. Makarem, and A.I. Shamseddine. 2007.
Understanding the biology of angiogenesis: Review of the most important
molecular mechanisms. Blood Cells, Mol. Dis. 39: 212–220.
114. Risau, W., and I. Flamme. 1995. Vasculogenesis. Annu. Rev. Cell Dev. Biol. 11:
73–91.
115. Iruela-Arispe, M.L., and G.E. Davis. 2009. Cellular and Molecular Mechanisms of
Vascular Lumen Formation. Dev. Cell. 16: 222–231.
116. Sims, D.E. 1986. The pericyte—A review. Tissue Cell. 18: 153–174.
117. Krueger, M., and I. Bechmann. 2010. CNS pericytes: Concepts, misconceptions,
and a way out. Glia. 58: 1–10.
118. Kim, B.-S., J. Nikolovski, J. Bonadio, and D.J. Mooney. 1999. Cyclic mechanical
strain regulates the development of engineered smooth muscle tissue. Nat.
Biotechnol. 17: 979–983.
119. Liu, B., M.-J. Qu, K.-R. Qin, H. Li, Z.-K. Li, B.-R. Shen, and Z.-L. Jiang. 2008.
Role of cyclic strain frequency in regulating the alignment of vascular smooth
muscle cells in vitro. Biophys. J. 94: 1497–1507.
120. Haga, J.H., Y.-S.J. Li, and S. Chien. 2007. Molecular basis of the effects of
mechanical stretch on vascular smooth muscle cells. J. Biomech. 40: 947–960.
121. Yim, E.K.F., R.M. Reano, S.W. Pang, A.F. Yee, C.S. Chen, and K.W. Leong.
2005. Nanopattern-induced changes in morphology and motility of smooth muscle
cells. Biomaterials. 26: 5405–5413.
122. Thakar, R.G., F. Ho, N.F. Huang, D. Liepmann, and S. Li. 2003. Regulation of
vascular smooth muscle cells by micropatterning. Biochem. Biophys. Res.
Commun. 307: 883–890.
123. Lee, A.A., D.A. Graham, S. Dela Cruz, A. Ratcliffe, and W.J. Karlon. 2002. Fluid
Shear Stress-Induced Alignment of Cultured Vascular Smooth Muscle Cells. J.
Biomech. Eng. 124: 37.
161

124. Duclos, G., S. Garcia, H.G. Yevick, and P. Silberzan. 2014. Perfect nematic order
in confined monolayers of spindle-shaped cells. Soft Matter. 10: 2346–53.
125. Kemkemer, R., D. Kling, D. Kaufmann, and H. Gruler. 2000. Elastic properties of
nematoid arrangements formed by amoeboid cells. Eur. Phys. J. E. 1: 215.
126. Kemkemer, R., V. Teichgräber, S. Schrank-Kaufmann, D. Kaufmann, and H.
Gruler. 2000. Nematic order-disorder state transition in a liquid crystal analogue
formed by oriented and migrating amoeboid cells. Eur. Phys. J. E. 3: 101–110.
127. Kaibuchi, K., S. Kuroda, and M. Amano. 1999. Regulation of the cytoskeleton and
cell adhesion by the Rho family GTPases in mammalian cells. Annu. Rev.
Biochem. 68: 459–486.
128. Machesky, L.M., and A. Hall. 1997. Role of Actin Polymerization and Adhesion
to Extracellular Matrix in Rac- and Rho-induced Cytoskeletal Reorganization. J.
Cell Biol. 138.
129. Biton, Y.Y., and S. a Safran. 2009. The cellular response to curvature-induced
stress. Phys. Biol. 6: 46010.
130. Flatau, G., E. Lemichez, M. Gauthier, P. Chardin, S. Paris, C. Fiorentini, and P.
Boquet. 1997. Toxin-induced activation of the G protein p21 Rho by deamidation
of glutamine. Nature. 387: 729–33.
131. Schmidt, G., P. Sehr, M. Wilm, J. Selzer, M. Mann, and K. Aktories. 1997. Gln 63
of Rho is deamidated by Escherichia coli cytotoxic necrotizing factor-1. Nature.
387: 725–9.
132. Amano, M., M. Nakayama, and K. Kaibuchi. 2010. Rho-kinase/ROCK: A key
regulator of the cytoskeleton and cell polarity. Cytoskeleton. 67: 545–554.
133. Lu, L., Y. Feng, W.J. Hucker, S.J. Oswald, G.D. Longmore, and F.C.-P. Yin.
2008. Actin stress fiber pre-extension in human aortic endothelial cells. Cell Motil.
Cytoskeleton. 65: 281–294.
134. Lu, L., S.J. Oswald, H. Ngu, and F.C.-P. Yin. 2008. Mechanical properties of actin
stress fibers in living cells. Biophys. J. 95: 6060–71.
135. Barocas, V.H., and R.T. Tranquillo. 1997. An anisotropic biphasic theory of
tissue-equivalent mechanics: The interplay among cell traction, fibrillar network
deformation, fibril alignment, and cell contact guidance. J. Biomech. Eng. 119:
137.
162

136. Barocas, V.H., T.S. Girton, and R.T. Tranquillo. 1998. Engineered alignment in
media equivalents: Magnetic prealignment and mandrel compaction. J. Biomech.
Eng. 120: 660–6.
137. Stegemann, J.P., H. Hong, and R.M. Nerem. 2005. Mechanical, biochemical, and
extracellular matrix effects on vascular smooth muscle cell phenotype. J. Appl.
Physiol. 98: 2321–2327.
138. Chen, C.S., J. Tan, and J. Tien. 2004. Mechanotransduction at cell-matrix and cellcell contacts. Annu. Rev. Biomed. Eng. 6: 275–302.
139. Yonemura, S., M. Itoh, A. Nagafuchi, and S. Tsukita. 1995. Cell-to-cell adherens
junction formation and actin filament organization: similarities and differences
between non-polarized fibroblasts and polarized epithelial cells. J. Cell Sci. 108.
140. Danjo, Y., and I.K. Gipson. 1998. Actin “purse string” filaments are anchored by
E-cadherin-mediated adherens junctions at the leading edge of the epithelial
wound, providing coordinated cell movement. J. Cell Sci. 111 ( Pt 2: 3323–3332.
141. Santangelo, C.D., V. Vitelli, R.D. Kamien, and D.R. Nelson. 2007. Geometric
theory of columnar phases on curved substrates. Phys. Rev. Lett. 99: 1–4.
142. Serra, F. 2016. Curvature and defects in nematic liquid crystals. Liq. Cryst. : 1–17.
143. Kunda, P., and B. Baum. 2009. The actin cytoskeleton in spindle assembly and
positioning. Trends Cell Biol. 19: 174–179.
144. Le Clainche, C., and M.-F. Carlier. 2008. Regulation of Actin Assembly
Associated With Protrusion and Adhesion in Cell Migration. Physiol. Rev. 88:
489–513.
145. Qualmann, B., M.M. Kessels, and R.B. Kelly. 2000. Molecular Links between
Endocytosis and the Actin Cytoskeleton. J. Cell Biol. 150: F111-116.
146. Georges, P.C., and P.A. Janmey. 2005. Cell type-specific response to growth on
soft materials. J. Appl. Physiol. 98: 1547–1553.
147. Pelham, R.J., and Y. l Wang. 1997. Cell locomotion and focal adhesions are
regulated by substrate flexibility. Proc. Natl. Acad. Sci. U. S. A. 94: 13661–13665.
148. Maninova, M., J. Caslavsky, and T. Vomastek. 2017. The assembly and function
of perinuclear actin cap in migrating cells. Protoplasma. 254: 1–12.
149. Dunn, G.A. 1980. Mechanisms of fibroblast locomotion. In: Curtis ASG, Pitts
163

J.D., editors. Cell Adhesion and Motility. Cambridge: Cambridge University Press.
pp. 409–423.
150. Chen, W.T. 1981. Mechanism of retraction of the trailing edge during fibroblast
movement. J. Cell Biol. 90: 187–200.
151. Yim, E.K.F., E.M. Darling, K. Kulangara, F. Guilak, and K.W. Leong. 2010.
Nanotopography-induced changes in focal adhesions, cytoskeletal organization,
and mechanical properties of human mesenchymal stem cells. Biomaterials. 31:
1299–1306.
152. Parker, K.K., A.L. Brock, C. Brangwynne, R.J. Mannix, N. Wang, E. Ostuni, N.A.
Geisse, J.C. Adams, G.M. Whitesides, and D.E. Ingber. 2002. Directional control
of lamellipodia extension by constraining cell shape and orienting cell tractional
forces. FASEB J. 16: 1195–1204.
153. Bade, N.D., R.D. Kamien, R.K. Assoian, and K.J. Stebe. 2017. Curvature and Rho
activation differentially control the alignment of cells and stress fibers. Sci. Adv.
3: e1700150.
154. Niepa, T.H.R., L. Hou, H. Jiang, M. Goulian, H. Koo, K.J. Stebe, and D. Lee.
2016. Microbial Nanoculture as an Artificial Microniche. Sci. Rep. 16: 30578.
155. Riedl, J., K.C. Flynn, A. Raducanu, F. Gärtner, G. Beck, M. Bösl, F. Bradke, S.
Massberg, A. Aszodi, M. Sixt, and R. Wedlich-Söldner. 2010. Lifeact mice for
studying F-actin dynamics. Nat. Methods. 7: 168–169.
156. Barry, D.J., C.H. Durkin, J. V. Abella, and M. Way. 2015. Open source software
for quantification of cell migration, protrusions, and fluorescence intensities. J.
Cell Biol. 209: 163–180.
157. Kim, D.-H., S.B. Khatau, Y. Feng, S. Walcott, S.X. Sun, G.D. Longmore, and D.
Wirtz. 2012. Actin cap associated focal adhesions and their distinct role in cellular
mechanosensing. Sci. Rep. 2: 555.
158. Wang, Z., A.A. Volinsky, and N.D. Gallant. 2014. Crosslinking Effect on
Polydimethylsiloxane Elastic Modulus Measured by Custom-Built Compression
Instrument. J. Appl. Polym. Sci. 131: 41050.
159. Isenberg, B.C., P. a. DiMilla, M. Walker, S. Kim, and J.Y. Wong. 2009. Vascular
smooth muscle cell durotaxis depends on substrate stiffness gradient strength.
Biophys. J. 97: 1313–1322.
160. Vincent, L.G., Y.S. Choi, B. Alonso-Latorre, J.C. del Álamo, and A.J. Engler.
164

2013. Mesenchymal stem cell durotaxis depends on substrate stiffness gradient
strength. Biotechnol. J. 8: 472–484.
161. Kim, D.-H., B. Li, F. Si, J.M. Phillip, D. Wirtz, and S.X. Sun. 2015. Volume
regulation and shape bifurcation in the cell nucleus. J. Cell Sci. 128: 3375–3385.
162. Bissell, M.J., V.M. Weaver, S.A. Lelivre, F. Wang, O.W. Petersen, and K.L.
Schmeichel. 1999. Tissue Structure, Nuclear Organization, and Gene Expression
in Normal and Malignant Breast I. Cancer Res. 59: 1757–1764.
163. Zink, D., A.H. Fische, and J.A. Nickerson. 2004. Nuclear structure in cancer cells.
Nat. Rev. Cancer. 4: 677–687.
164. Lammerding, J., J. Hsiao, P.C. Schulze, S. Kozlov, C.L. Stewart, and R.T. Lee.
2005. Abnormal nuclear shape and impaired mechanotransduction in emerindeficient cells. J. Cell Biol. 170: 781–791.
165. Shimi, T., V. Butin-Israeli, S.A. Adam, and R.D. Goldman. 2010. Nuclear Lamins
in Cell Regulation and Disease. Cold Spring Harb. Symp. Quant. Biol. 75: 525–
531.
166. Chow, K.-H., R.E. Factor, and K.S. Ullman. 2012. The nuclear envelope
environment and its cancer connections. Nat. Rev. Cancer. 12: 196–209.
167. Thomas, C.H., J.H. Collier, C.S. Sfeir, and K.E. Healy. 2002. Engineering gene
expression and protein synthesis by modulation of nuclear shape. Proc. Natl. Acad.
Sci. U. S. A. 99: 1972–1977.
168. Jeon, H., S. Koo, W.M. Reese, P. Loskill, C.P. Grigoropoulos, and K.E. Healy.
2015. Directing cell migration and organization via nanocrater-patterned cellrepellent interfaces. Nat. Mater. 14: 918–923.
169. Park, J., D.-H. Kim, H.-N. Kim, C.J. Wang, K. Kwak, E. Hur, K.-Y. Suh, S.S. An,
and A. Levchenko. 2016. Directed migration of cancer cells guided by the graded
texture of the underlying matrix. Nat. Mater. 15: 792–801.
170. Livne, A., and B. Geiger. 2016. The inner workings of stress fibers − from
contractile machinery to focal adhesions and back. J. Cell Sci. 129: 1293–1304.
171. Luxton, G.W.G., E.R. Gomes, E.S. Folker, E. Vintinner, and G.G. Gundersen.
2010. Linear Arrays of Nuclear Envelope Proteins Harness Retrograde Actin Flow
for Nuclear Movement. Science (80-. ). 329: 956–959.
172. Chen, M., P.K. Patra, S.B. Warner, and S. Bhowmick. 2007. Role of Fiber
165

Diameter in Adhesion and Proliferation of NIH 3T3 Fibroblast on Electrospun
Polycaprolactone Scaffolds. Tissue Eng. 13: 579–587.
173. Shih, Y.-R. V., C.-N. Chen, S.-W. Tsai, Y.J. Wang, and O.K. Lee. 2006. Growth
of Mesenchymal Stem Cells on Electrospun Type I Collagen Nanofibers. Stem
Cells. 24: 2391–2397.
174. Badami, A.S., M.R. Kreke, M.S. Thompson, J.S. Riffle, and A.S. Goldstein. 2006.
Effect of fiber diameter on spreading, proliferation, and differentiation of
osteoblastic cells on electrospun poly(lactic acid) substrates. Biomaterials. 27:
596–606.
175. Bashur, C.A., L.A. Dahlgren, and A.S. Goldstein. 2006. Effect of fiber diameter
and orientation on fibroblast morphology and proliferation on electrospun
poly(D,L-lactic-co-glycolic acid) meshes. Biomaterials. 27: 5681–8.
176. Bade, N.D., T. Xu, R.D. Kamien, R.K. Assoian, and K.J. Stebe. 2018. Gaussian
Curvature Directs Stress Fiber Orientation and Cell Migration. Biophys. J. 114:
1467–1476.
177. Tibbitt, M.W., and K.S. Anseth. 2009. Hydrogels as Extracellular Matrix Mimics
for 3D Cell Culture. Biotechnol. Bioeng. 103: 655–663.
178. Huh, D., G.A. Hamilton, and D.E. Ingber. 2011. From 3D cell culture to organson-chips. Trends Cell Biol. 21: 745–54.
179. Ahmadzadeh, H., M.R. Webster, R. Behera, A.M. Jimenez Valencia, D. Wirtz,
A.T. Weeraratna, and V.B. Shenoy. 2017. Modeling the two-way feedback
between contractility and matrix realignment reveals a nonlinear mode of cancer
cell invasion. Proc. Natl. Acad. Sci. U. S. A. 114: E1617–E1626.
180. Duclos, G., C. Erlenkämper, J.-F. Joanny, and P. Silberzan. 2016. Topological
defects in confined populations of spindle-shaped cells. Nat. Phys. 13: 58–62.
181. Kawaguchi, K., R. Kageyama, and M. Sano. 2017. Topological defects control
collective dynamics in neural progenitor cell cultures. Nature. 545: 327–331.
182. Giomi, L., M.J. Bowick, X. Ma, and M.C. Marchetti. 2013. Defect annihilation
and proliferation in active Nematics. Phys. Rev. Lett. 110: 1–5.
183. Bernard, A., J.P. Renault, B. Michel, H.R. Bosshard, and E. Delamarche.
Microcontact Printing of Proteins * *. .
184. Henry, S.J., J.C. Crocker, and D. a Hammer. 2014. Ligand density elicits a
166

phenotypic switch in human neutrophils. Integr. Biol. (Camb). 6: 348–56.
185. Meijering, E., O. Dzyubachyk, and I. Smal. 2012. Methods for Cell and Particle
Tracking. In: Methods in enzymology. . pp. 183–200.
186. Preibisch, S., S. Saalfeld, and P. Tomancak. 2009. Globally optimal stitching of
tiled 3D microscopic image acquisitions. Bioinformatics. 25: 1463–1465.
187. Tinevez, J.-Y., N. Perry, J. Schindelin, G.M. Hoopes, G.D. Reynolds, E.
Laplantine, S.Y. Bednarek, S.L. Shorte, and K.W. Eliceiri. 2017. TrackMate: An
open and extensible platform for single-particle tracking. .
188. Smith, J.T., J.T. Elkin, and W.M. Reichert. 2006. Directed cell migration on
fibronectin gradients: effect of gradient slope. Exp. Cell Res. 312: 2424–32.
189. Gennes, P.G. de., and J. Prost. 1993. The physics of liquid crystals. Clarendon
Press.
190. Kuribayashi-Shigetomi, K., H. Onoe, and S. Takeuchi. 2012. Cell Origami: SelfFolding of Three-Dimensional Cell-Laden Microstructures Driven by Cell
Traction Force. PLoS One. 7: 1–9.
191. Gray, A., E. Abbena, and S. Salamon. 2006. Modern differential geometry of
curves and surfaces with Mathematica. Chapman & Hall CRC.
192. Galbraith, C.G., R. Skalak, and S. Chien. 1998. Shear stress induces spatial
reorganization of the endothelial cell cytoskeleton. Cell Motil. Cytoskeleton. 40:
317–330.
193. Shi, Z.-D., and J.M. Tarbell. 2011. Fluid Flow Mechanotransduction in Vascular
Smooth Muscle Cells and Fibroblasts. Ann. Biomed. Eng. 39: 1608–1619.
194. Buxboim, A., K. Rajagopal, A.E.X. Brown, and D.E. Discher. 2010. How deeply
cells feel: methods for thin gels. J. Phys. Condens. Matter. 22: 194116.
195. Pellegrin, S., and H. Mellor. 2007. Actin stress fibres. J. Cell Sci. 120: 3491–3499.
196. Kumar, S., I.Z. Maxwell, A. Heisterkamp, T.R. Polte, T.P. Lele, M. Salanga, E.
Mazur, and D.E. Ingber. Viscoelastic Retraction of Single Living Stress Fibers and
Its Impact on Cell Shape, Cytoskeletal Organization, and Extracellular Matrix
Mechanics. Biophys. J. 90: 3762–3773.
197. Otey, C.A., and O. Carpen. 2004. Alpha-actinin revisited: a fresh look at an old
player. Cell Motil. Cytoskeleton. 58: 104–11.
167

198. Ridley, A.J. 2006. Rho GTPases and actin dynamics in membrane protrusions and
vesicle trafficking. Trends Cell Biol. 16: 522–9.
199. Versaevel, M., J.-B. Braquenier, M. Riaz, T. Grevesse, J. Lantoine, and S.
Gabriele. 2014. Super-resolution microscopy reveals LINC complex recruitment at
nuclear indentation sites. Sci. Rep. 4.
200. Shivashankar, G.V. 2011. Mechanosignaling to the Cell Nucleus and Gene
Regulation. Annu. Rev. Biophys. 40: 361–378.
201. Elosegui-Artola, A., I. Andreu, A.E.M. Beedle, A. Lezamiz, M. Uroz, A.J.
Kosmalska, R. Oria, J.Z. Kechagia, P. Rico-Lastres, A.-L. Le Roux, C.M.
Shanahan, X. Trepat, D. Navajas, S. Garcia-Manyes, and P. Roca-Cusachs. 2017.
Force Triggers YAP Nuclear Entry by Regulating Transport across Nuclear Pores.
Cell. 171: 1397–1410.e14.
202. Stewart-Hutchinson, P.J., C.M. Hale, D. Wirtz, and D. Hodzic. 2008. Structural
requirements for the assembly of LINC complexes and their function in cellular
mechanical stiffness. Exp. Cell Res. 314: 1892–1905.
203. Luxton, G.W.G., E.R. Gomes, E.S. Folker, E. Vintinner, and G.G. Gundersen.
2010. Linear Arrays of Nuclear Envelope Proteins Harness Retrograde Actin Flow
for Nuclear Movement. Science (80-. ). 329: 956–959.
204. Luxton, G.W.G., E.R. Gomes, E.S. Folker, H. Worman, and G.G. Gundersen.
2011. TAN lines. Nucleus. 2: 173–181.
205. Fletcher, D.A., and R.D. Mullins. 2010. Cell mechanics and the cytoskeleton.
Nature. 463: 485–92.
206. Pegoraro, A.F., P. Janmey, and D.A. Weitz. 2017. Mechanical Properties of the
Cytoskeleton and Cells. Cold Spring Harb. Perspect. Biol. 9: a022038.
207. Stamenović, D., S.M. Mijailovich, I.M. Tolić-Nørrelykke, J. Chen, and N. Wang.
2002. Cell prestress. II. Contribution of microtubules. Am. J. Physiol. Cell Physiol.
282: C617-24.
208. Wang, N., K. Naruse, D. Stamenovic, J.J. Fredberg, S.M. Mijailovich, I.M. TolicNorrelykke, T. Polte, R. Mannix, and D.E. Ingber. 2001. Mechanical behavior in
living cells consistent with the tensegrity model. Proc. Natl. Acad. Sci. 98: 7765–
7770.
209. Brangwynne, C.P., F.C. MacKintosh, S. Kumar, N.A. Geisse, J. Talbot, L.
Mahadevan, K.K. Parker, D.E. Ingber, and D.A. Weitz. 2006. Microtubules can
168

bear enhanced compressive loads in living cells because of lateral reinforcement. J.
Cell Biol. 173: 733–41.
210. Hartsock, A., and W.J. Nelson. 2008. Adherens and tight junctions: structure,
function and connections to the actin cytoskeleton. Biochim. Biophys. Acta. 1778:
660–9.
211. Topper, J.N., and M.A. Gimbrone. 1999. Blood flow and vascular gene
expression: fluid shear stress as a modulator of endothelial phenotype. Mol. Med.
Today. 5: 40–6.
212. Emerman, J.T., and A.W. Vogl. 1986. Cell size and shape changes in the
myoepithelium of the mammary gland during differentiation. Anat. Rec. 216: 405–
415.
213. Gugliotta, P., A. Sapino, L. Macrí, O. Skalli, G. Gabbiani, and G. Bussolati. 1988.
Specific demonstration of myoepithelial cells by anti-alpha smooth muscle actin
antibody. J. Histochem. Cytochem. 36: 659–63.
214. Cavallaro, M., L. Botto, E.P. Lewandowski, M. Wang, and K.J. Stebe. 2011. From
the Cover: Curvature-driven capillary migration and assembly of rod-like particles.
Proc. Natl. Acad. Sci. 108: 20923–20928.
215. Hexemer, A. 2006. Order and Disorder of Block Copolymers and Particles on
Surfaces with Topology. .
216. Shenoy, V.B., H. Wang, and X. Wang. 2016. A chemo-mechanical free-energybased approach to model durotaxis and extracellular stiffness-dependent
contraction and polarization of cells. Interface Focus. 6: 20150067.
217. Kuribayashi-Shigetomi, K., H. Onoe, and S. Takeuchi. 2012. Cell Origami: SelfFolding of Three-Dimensional Cell-Laden Microstructures Driven by Cell
Traction Force. PLoS One. 7: e51085.
218. Galie, P.A., F.J. Byfield, C.S. Chen, J.Y. Kresh, and P.A. Janmey. 2015.
Mechanically stimulated contraction of engineered cardiac constructs using a
microcantilever. IEEE Trans. Biomed. Eng. 62: 438–42.
219. Sakar, M.S., J. Eyckmans, R. Pieters, D. Eberli, B.J. Nelson, and C.S. Chen. 2016.
Cellular forces and matrix assembly coordinate fibrous tissue repair. Nat.
Commun. 7: 11036.
220. Feinberg, A.W., A. Feigel, S.S. Shevkoplyas, S. Sheehy, G.M. Whitesides, and
K.K. Parker. 2007. Muscular thin films for building actuators and powering
169

devices. Science. 317: 1366–1370.
221. Grosberg, A., P.W. Alford, M.L. McCain, and K.K. Parker. 2011. Ensembles of
engineered cardiac tissues for physiological and pharmacological study: Heart on a
chip. Lab Chip. 11: 4165.

170

